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Preface

During protein folding, the linear information encoded in the amino acid sequence
of a polypeptide chain is transformed into a defined three-dimensional structure.
Although it was established decades ago that protein folding is a spontaneous reac-
tion, a complete understanding of this fundamental process is still lacking. Since
its humble beginnings in the fields of biophysical chemistry and biochemistry, the
analysis of protein folding and stability has spread into a wide range of disciplines
including physics, cell biology, medicine and biotechnology. The recent discovery
of the sophisticated cellular machinery of molecular chaperones and folding cata-
lysts which assists protein structure formation in vivo and the analysis of pro-
tein folding diseases have added additional twists to the study of protein folding.
Consequently, the field has undergone a significant transformation over the last
decade.

The increasing interest in protein folding considerably improved our knowledge
of the physical principles underlying protein stability and folding and stimulated
the development of powerful new techniques for their analysis both in vitro and in
vivo. Aspects that had been studied previously in splendid isolation such as basic
principles and protein folding diseases are now growing together, experimentally
and conceptually.

Over the past years, a number of excellent books on protein folding were pub-
lished, starting with the famous ‘red bible of protein folding’ (Jaenicke, 1980). The
Protein Folding Handbook takes a different approach as it combines in-depth re-
views with detailed experimental protocols. Thus, a comprehensive, multi-faceted
view of the entire field of protein folding from basic physical principles to mole-
cular chaperones, protein folding diseases and the biotechnology of protein folding
— is presented. The Protein Folding Handbook intends to provide those who become
interested in a specific aspect of protein folding with both the scientific back-
ground and the experimental approaches. Ideally, the protocols of the methods
sections will allow and stimulate even the novice to boldly enter new experimental
territory.

We are grateful to the authors who embarked with us on this endeavour. It was a
pleasure to see how, chapter by chapter, the current state of the art in this field
emerged and the common themes became apparent.



Preface

Finally, we would like to thank Dr. Frank Weinreich from Wiley-VCH for his
never-waning efforts to transform our ideas into a book, Prof. Erich Gohl for the
cover artwork, Brigitte Heiz-Wyss and Susanne Hilber for excellent assistance and
Annett Bachmann and Stefan Walter for help with creating the index.

Miinchen and Basel Johannes Buchner
October 2004 Thomas Kiefhaber
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1
Early Days of Studying the Mechanism
of Protein Folding

Robert L. Baldwin

1.1
Introduction

Modern work on the mechanism of protein folding began with Chris Anfinsen. He
recognized the folding problem, and he asked: How does the amino acid sequence
of a protein determine its three-dimensional structure? From this basic question
came various research problems, including (1) What is the mechanism of the fold-
ing process? (2) How can the three-dimensional structure be predicted from the
amino acid sequence? and (3) What is the relation between the folding process in
vivo and in vitro? Only the early history of the first problem will be considered
here.

The basic facts needed to state the folding problem were already in place before
Anfinsen’s work. He knew this, well before 1973 when he received the Nobel Prize,
and he was somewhat embarrassed about it. In his Nobel address [1], he says in
the opening paragraph “Many others, including Anson and Mirsky in the ’30s
and Lumry and Eyring in the '50s, had observed and discussed the reversibility of
the denaturation of proteins.” Anfinsen'’s statement of the folding problem may be
dated to 1961 [2], when his laboratory found that the amino acid sequence of ribo-
nuclease A (RNase A) contains the information needed to make the correct four
disulfide bonds of the native protein. There are eight —SH groups in the unfolded
RNase A chain which could make 105 different S—S bonds. Although in 1961
the reversibility of protein denaturation was recognized by protein chemists, the
knowledge that protein denaturation equals protein unfolding had been gained
only a few years earlier, in a series of papers from Walter Kauzmann's laboratory,
beginning with Ref. [3]. The first protein structure, that of sperm whale myoglobin
(2 A resolution), determined by John Kendrew and his coworkers [4], became avail-
able only in 1960. The myoglobin structure confirmed the proposal that proteins
possess 3D structures held together by weak, noncovalent bonds, and consequently
they might unfold in denaturing conditions. Wu suggested this explanation of pro-
tein denaturation as early as 1931 [5].

The other thread in Anfinsen’s proposal was, of course, the recognition that pro-
tein folding is part of the coding problem. The basic dogma of molecular biology,

Protein Folding Handbook. Part 1. Edited by J. Buchner and T. Kiefhaber
Copyright © 2005 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim
ISBN: 3-527-30784-2
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1 Early Days of Studying the Mechanism of Protein Folding

“DNA makes RNA makes protein,” was already in place in 1958, and Anfinsen
knew that the newly synthesized product of RNA translation is an inactive, un-
folded polypeptide chain. How does it fold up to become active? In the 1960s and
1970s there was speculation about a code for folding, and some workers even pro-
posed a three-letter code (i.e., three amino acid residues) [6]. Anfinsen proposed a
thermodynamic hypothesis [1, 7]: the newly synthesized polypeptide chain folds
up under the driving force of a free energy gradient and the protein reaches its
thermodynamically most stable conformation. For protein chemists familiar with
reversible denaturation, this appeared obvious: what else should drive a reversible
chemical reaction besides the free energy difference between reactant and product?
But for molecular biologists interested in knowing how an unfolded, newly synthe-
sized protein is able to fold, Anfinsen’s hypothesis represented a considerable leap
of faith. In fact, biology does introduce subtle complexities, and more is said below
about the thermodynamic hypothesis (see Section 1.3). Michael Levitt and Arieh
Warshel made a farseeing proposal in 1975: they argued that an unfolded protein
folds under the influence of a molecular force field, and someday the folding pro-
cess will be simulated with the use of a force field [8].

Starting from Anfinsen’s insights, this review examines what happened in the
1960s, 1970s, and 1980s to lay the groundwork for the modern study of how pro-
teins fold in vitro. My review ends when the literature balloons out at the end of
the 1980s with the study of new problems, such as: (1) experimental study of the
transition state, (2) whether hydrophobic collapse precedes secondary structure, (3)
the nature of the conformational reactions that allow hydrogen exchange in pro-
teins, (4) using molecular dynamics to simulate the folding process, (5) the speed
limit for folding, (6) helix and g-strand propensities, and (7) the mechanism of
forming amyloid fibrils. This review is not comprehensive. The aim is to follow
the threads that led to the prevalent view at the end of the 1980s. A few references
are added after the 1980s in order to complete the picture for topics studied earlier.

1.2
Two-state Folding

An important achievement of early work on the mechanism of protein folding was
the recognition that small proteins commonly show two-state equilibrium denatu-
ration reactions and there are no observable intermediates. After the initial obser-
vation by Harrington and Schellman in 1956 that RNase A undergoes reversible
thermal denaturation [9], at least five laboratories then examined the nature of the
unfolding transition curve (see Ref. [10] for references). In the 1950s and 1960s
RNase A was widely studied because of its small size (124 residues), purity and
availability. The shape of its unfolding transition curve puzzled almost everyone,
because the van't Hoff plot of In K versus (1/T) (K = equilibrium constant for
unfolding) is unmistakably curved, which gives a small but observable asymmetry
to the unfolding curve. The slope of the van't Hoff plot, AH/R (AH = enthalpy of
unfolding, R = gas constant) should be constant if AH is constant. The typical ex-
planation then was that stable intermediates are present during protein unfolding
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and they explain the shape of the unfolding curve. In 1965 John Brandts [10] rec-
ognized that the correct explanation for the peculiar shape of the unfolding curve
lies in the unusual thermodynamics of protein folding. Brandts argued that the
thermodynamics of unfolding is dominated by hydrophobic free energy, as pro-
posed by Walter Kauzmann [11] in 1959. Then there should be a large positive
value of AC, for unfolding, which explains the curvature of the van't Hoff plot
[10]. AC,, is the difference between the heat capacities of the native and denatured
forms of a protein, and a large value for AC,, causes a strong dependence of AH on
temperature.

Brandts’ proposal that thermal denaturation of RNase A is a two-state reaction
without intermediates [10] was strongly supported, also in 1965, by Ginsburg and
Carroll [12], who introduced the superposition test for intermediates and found no
populated intermediates in the unfolding reaction of RNase A. In the superposi-
tion test, two or more normalized unfolding curves are superimposed and tested
for coincidence. They are monitored by at least two probes that report on funda-
mentally different molecular properties, such as specific viscosity that reports on
molecular volume and optical rotation that reports on secondary structure.

In 1966 Lumry, Biltonen and Brandts [13] introduced the calorimetric ratio test
for intermediates. In this test, the ratio of the calorimetric and van't Hoff values of
AH should equal 1 if there are no populated intermediates. In the 1970s, after the
development of differential scanning calorimetry by Peter Privalov [14], the calori-
metric ratio test became widely used as a criterion for two-state folding.

Charles Tanford and his laboratory undertook a wide-ranging study of whether
the denaturation reactions of small proteins are truly two-state reactions. In 1968
Tanford summarized the results in a long and widely quoted review [15]. He recog-
nized that conditions must be found in which denatured proteins are completely
unfolded, without residual structure, before one can confidently determine if dena-
turation is a two-state reaction. His laboratory found that 6 M GdmCl (guanidi-
nium chloride) is a denaturant that eliminates residual structure in water-soluble
proteins, whereas thermally denatured proteins retain significant residual struc-
ture [15]. (Whether or not the residual structure is related to the structure of the
native protein was left for future study.) A key finding was that the reversible dena-
turation reactions of several small proteins are indeed two-state reactions when
6 M GdmCl is the denaturant [15]. This work opened the way to later study of
two basic questions: (1) Are there intermediates in protein folding reactions and,
if so, how can they be detected? and (2) How can the energetics of protein folding
be measured experimentally? In discussing these problems, I use the terms “un-
folded” and “denatured” interchangeably, and a “denatured” protein typically has
some residual structure that depends on solvent conditions and temperature.

13
Levinthal’s Paradox

In 1968 Cyrus Levinthal released a bombshell that became known as Levinthal’s
paradox [16, 17]. He had begun work on prediction of the 3D structures of proteins
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from their amino acid sequences. He observed that, if protein folding is truly a
two-state reaction without intermediates, then the time needed to fold can be esti-
mated from the time needed to search randomly all possible backbone conforma-
tions. Levinthal estimated that the time needed for folding by a random search is
far longer than the life of the universe. A plausible conclusion from his calculation
is that there must be folding intermediates and pathways [16, 17]. When Levin-
thal's calculation was repeated in 1992, with the addition of a small free energy
bias as the driving force for folding, the time needed to search all conformations
by a random search process was reduced to a few seconds [18]. Note, however,
that a free energy bias in favor of the native structure is likely to produce inter-
mediates in the folding process, although not necessarily ones that are populated.

In 1969 Levinthal pointed out [17] that, if it has a choice, a protein folds to
the structure dictated by the fastest folding pathway and not to the most stable
structure, in contrast to Anfinsen’s thermodynamic hypothesis. His proposal was
confirmed experimentally in 1996 for a protein from the serpin family, whose
members form two different stable structures. The folding pathway of the serpin,
plasminogen activator inhibitor 1, was found to be under kinetic control [19]. In
1998 Agard and coworkers [20] found that the stability of the folded structure of
o-lytic protease appears to be under kinetic control; i.e., the denatured protein is
not only kinetically unable to refold but also thermodynamically more stable than
the native form [20]. This surprising deduction does not contradict Anfinsen’s ther-
modynamic hypothesis. The enzymatically active form of this protein is formed
after complete folding of a much longer polypeptide whose long Pro sequence is
cleaved off after folding is complete.

1.4
The Domain as a Unit of Folding

Knowledge that polypeptide chains are synthesized starting from the N-terminus
led to speculation that folding begins from the N-terminus of the chain. In 1970,
Taniuchi [21] observed that the correct four S—S bonds of RNase A are not formed
and the protein remains unfolded if the four C-terminal residues are deleted from
the 124-residue polypeptide chain. Consequently, almost the entire polypeptide
chain (maybe all of it) is required for stable folding (but see, however, Section
1.10). In 1969 Goldberg [22] found that intracistronic complementation occurs
in p-galactosidase via the presence of at least two independently folding units
(“globules”) in each of the four identical polypeptide chains. In 1973 Wetlaufer
[23] found contiguous folded regions in the X-ray structures of several proteins, in
some cases apparently connected by flexible linkers. These three observations
taken together gave rise to the concept that the domain (~100 amino acids) is the
unit of stable folding.

Wetlaufer [23] pointed out that a contiguous folded region of the polypeptide
chain is likely to arise from a structural folding nucleus. He noted that a structural
nucleus might also serve as a kinetic nucleus for the folding process, with the con-
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sequence that successive folding events occur rapidly after the nucleus is formed,
so that folding intermediates are never populated. His suggestion was often used
in the early 1970s to explain why folding intermediates could not be found. In
1981 Lesk and Rose [24] pointed out that each protein domain can typically be di-
vided into two subdomains, each of which is also folded from a contiguous seg-
ment of polypeptide chain — although the subdomains are not separated by flexible
linkers. Their observation favors a hierarchic mechanism of folding [24].

In 1974 Goldberg and coworkers [25] proposed domain swapping as the explana-
tion for the concentration-dependent formation of large aggregates of refolding
tryptophanase, formed at a critical urea concentration. Their work has been taken
as a model for understanding the formation of inclusion bodies and the need for
chaperones to improve the yield in many folding reactions. Also in the 1970s
Jaenicke and coworkers [26] began a systematic investigation of folding coupled
to subunit association in the concentration-dependent folding reactions of oligo-
meric proteins. These subjects are discussed elsewhere in this book.

1.5
Detection of Folding Intermediates and Initial Work on the Kinetic Mechanism of
Folding

Demonstration of two-state equilibrium denaturation by Brandts [10] and by
Tanford [15] made clear the difficulty of detecting any folding intermediates that
might exist. In 1971, reports of complex kinetics of unfolding/refolding by Ikai and
Tanford for cytochrome ¢ (cyt ¢) [27] and by Tsong, Baldwin, and Elson for RNase
A [28] raised hope that fast-reaction methods would succeed in detecting and char-
acterizing kinetic folding intermediates. Complexity in the refolding kinetics of
staphylococcal nuclease (SNase) had already been reported in 1970 [29] from
Anfinsen’s laboratory (see also Ref. [30]).

Ikai and Tanford used a stopped-flow apparatus to measure the folding kinetics
of cyt ¢ [27, 31] and hen lysozyme [32]. These studies laid the groundwork for
systematic investigation of folding reactions that can be represented by a simple
sequential model, U < I; < [, < ¢**N, with one unfolded form U, one native
form, N, and intervening intermediates. Off-pathway intermediates are described
by a branched pathway. A mathematical framework for such studies is given in
Ref. [33]. Ikai and Tanford concluded initially that they had evidence for incorrectly
folded, off-pathway intermediates in the refolding of cyt ¢ [27, 31], but they as-
sumed there was only one unfolded form. Concurrent studies of RNase A refold-
ing showed that two or more unfolded forms are present, which suggested that the
same is true of other denatured proteins (see Section 1.6). Tkai and Tanford made a
further important contribution by developing tests for stopped-flow artifacts that
result from mixing concentrated GdmCl with buffer; this problem was a serious
issue at the time. In 1973, when Ikai finished his PhD work, Charles Tanford left
the field of folding mechanisms to take up the new study of membrane proteins.

Earlier, in 1968/69, Fritz Pohl began using a slow temperature-jump (“T-jump”)
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method, capable of observing kinetic changes only in the time range of seconds
and longer, to study the kinetics of protein folding. He reported apparent two-state
kinetics for the unfolding/refolding reactions of chymotrypsin [34], trypsin [35],
chymotrypsinogen-A [36], and RNase A [36]. He found that the entire kinetic prog-
ress curve for unfolding or refolding could be represented by a single exponential
time course and the kinetic amplitude agreed with the value expected from the
equilibrium unfolding curve. He interpreted his results as showing that folding is
highly cooperative, which strengthened the general view that folding intermediates
would be very difficult to detect, perhaps impossible. Ikai and Tanford undertook
their stopped-flow study of the unfolding/refolding kinetics of cyt ¢, despite Pohl’s
evidence that the kinetic folding reactions of small proteins are two-state, because
Wayne Fish in Tanford’s laboratory had evidence suggesting an equilibrium fold-
ing intermediate (A. Ikai, personal communication, 2003).

Tsong, Baldwin, and Elson [28, 37] undertook their fast T-jump study (dead time,
10 ps) of the unfolding kinetics of RNase A because they believed that fast kinetics
might reveal intermediates in apparent two-state unfolding reactions. Pérschke and
Eigen had observed [38] that short RNA helices show unfolding intermediates in
the msec time range even though both the major folding and unfolding reactions
follow a single exponential time course in the seconds time range. The unfolding
kinetics of RNase A could be fitted to a similar type of nucleation-dependent fold-
ing model [28, 37, 40]. The model predicts kinetics in which the relative amplitude
of the fast unfolding phase increases rapidly with increasing temperature, in agree-
ment with experiment [28, 37]. A fast Tjump study of the unfolding kinetics of
chymotrypsinogen-A [40] gave results like those of RNase A, suggesting that the
nucleation model might be generally applicable. For chymotrypsinogen, as for
RNase A, there is a fast (milliseconds) phase in unfolding, in addition to the slow
unfolding reaction (seconds) studied earlier by Pohl [36]. The fast phases in the
unfolding of RNase A [28, 37] and of chymotrypsinogen [40] were missed by Pohl
[36] because they account for only a few percent of the total kinetic amplitude in
his conditions, and because he measured only the slow unfolding reactions. The
relative amplitude of the fast unfolding phase approaches 100% at temperatures
near the upper end of the thermal unfolding transition of RNase A (see Section
1.6), but of course the total amplitude becomes small.

The T-jump and stopped-flow unfolding studies of RNase A were monitored by
tyrosine absorbance [28, 37] and RNase A has six tyrosine residues. Consequently,
the fast and slow unfolding reactions of RNase A might be detecting unfolding re-
actions in different parts of the molecule that occur in different time ranges. This
hypothesis was tested and ruled out by studying a chemically reacted derivative of
RNase A containing a single, partly buried, dinitrophenyl (DNP) group [41]. The
unfolding kinetics monitored by the single DNP group are biphasic, exactly like
the kinetics observed by the six tyrosyl groups. Later work by Paul Hagerman (see
below) showed that the fast phase in the unfolding of RNase A arises from an un-
folding intermediate that is a minor species in the ensemble of unfolded forms.

Thus, in 1973 the stage was set for kinetic studies of the mechanism of protein
folding /unfolding. However, three basic questions required answers before folding
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mechanisms could be analyzed. (1) Are the observed folding intermediates on-
pathway? (2) Are the intermediates partly folded forms or are they completely
unfolded, while the complex unfolding /refolding kinetics result from the intercon-
version of different denatured forms? (3) How can the structures be determined
of folding intermediates whose lifetimes are as short as milliseconds?

1.6
Two Unfolded Forms of RNase A and Explanation by Proline Isomerization

In 1973 Garel and Baldwin found that unfolded RNase A contains two different
major denatured forms, a fast-folding species (Up, ~20%) and a slow-folding
species (Us, ~80%) [42] that refolds 50 times more slowly than U in some con-
ditions. The two different denatured forms were discovered when refolding was
monitored with a probe specific for the enzymatically active protein, namely bind-
ing of the specific inhibitor 2’-CMP. Refolding was studied initially after a pH
jump (pH 2.0 — pH 5.8) at high temperatures (to obtain complete unfolding at
pH 2.0) [42] and later after dilution from 6 M GdmCl [43]. When the unfolding
transition is complete in the initial conditions, either at low pH and high tempera-
ture [42] or in 6 M GdmCl [43], both the fast and slow kinetic phases of refolding
yield native RNase A as product. In 6 M GdmCl, the denatured protein should be
completely unfolded and therefore the fast-folding and slow-folding forms corre-
spond to two different denatured species.

In 1976 Hagerman and Baldwin [44] studied the kinetic mechanism of RNase
A unfolding by using a stopped-flow apparatus and pH jumps to analyze the
unfolding /refolding kinetics as a function of temperature throughout the thermal
unfolding zone at pH 3.0. Their analysis is based on a four-species mechanism,
Us <> Ugp <> I < N, in which Ug and Ug are the slow-folding and fast-folding
forms of the denatured protein discussed above and I is a new unfolding interme-
diate observed above Ty,. Because I is completely unfolded, as judged either by
tyrosine absorbance or by enthalpy content [44], I may be labeled instead as U,
and the unfolding/refolding mechanism written as Ug < Ug < Uz <> N. The
proportions of Ug:Ug:Us in denatured RNase A were predicted in 1976 to be
0.78:0.20:0.02 [44]. Although U; was studied initially only as an unfolding interme-
diate [44], Us should be the immediate precursor of N in refolding experiments
according to the sequential unfolding/refolding mechanism. This prediction was
confirmed next with experiments using a sequential mixing apparatus [45]. U;
and Uy are populated transiently by unfolding N with a first mixing step and then
Us and Uy are allowed to refold after a second mixing step. U; forms N much
more rapidly than Ug does [45], and in 1994 Us was detected in the equilibrium
population of denatured RNase A species [46].

The 1976 analysis predicts correctly the equilibrium curve for thermal denatura-
tion from the kinetic data [44], and also shows that refolding of Ug and Us to N
must occur by the sequential mechanism Ug <> Up < N and not by the split
mechanism Ug < N < Ug. The latter conclusion follows from the behavior of

9
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the kinetic amplitudes when the relative rates of the fast and slow kinetic refolding
reactions are varied by changing the temperature [44]. The issue of a sequential
versus a split mechanism was tested in a different manner by Brandts and co-
workers [47], who were aware of Hagerman's work (see their discussion). They in-
troduced the interrupted unfolding (or “double-jump”) experiment in which the
species present at each time of unfolding are assayed by refolding measurements.

Brandts and coworkers [47] proposed a proline isomerization model as an expla-
nation for the two different forms of RNase A. Their model includes two separate
hypotheses. The first is that the fast-folding and slow-folding forms of a denatured
protein are produced by slow cis—trans isomerization of proline peptide bonds
after unfolding occurs. The second is that the fast-folding and slow-folding dena-
tured species account entirely for the complex unfolding/refolding kinetics and
no structural folding intermediates are populated. Thus, their unfolding/refolding
mechanism for a protein with only one proline residue is N < Ug < Us. The fast-
folding species Up has the same prolyl isomer (cis or trans) as N and the slow-
folding species Us contains the other prolyl isomer.

Nuclear magnetic resonance (NMR) studies of proline-containing peptides show
that the cis:trans ratio of a prolyl peptide bond commonly lies between 30:70 and
10:90, depending on neighboring residues. Because the proline ring sometimes
clashes sterically with neighboring side chains, proline peptide bonds (X-Pro) are
quite different from ordinary peptide bonds, for which the % cis is only ~0.1-1%.
RNase A contains two cis proline residues, as well as as two trans proline residues,
and therefore denatured RNase A should have an unusually high fraction of [Us]
(as observed), because the two cis residues isomerize to trans after unfolding and
produce Us species. A later NMR study of the trans — cis isomerization rate of
Gly-Pro in water [48] places it in the same time range as the Ug «» Uy reaction of
RNase A.

The proline isomerization model of Brandts and coworkers was very persuasive
but it proved difficult to test, particularly because one of its two hypotheses turned
out to be wrong, namely that no structural intermediates are populated during
the kinetics of unfolding or refolding. In 1978 Schmid and Baldwin [49] found
that the Ug < Us reaction in unfolded RNase A is acid-catalyzed, although very
strong acid, >5 M HCIOy, is required for catalysis. Very strong acid is needed for
the cis — trans isomerization of both prolyl peptide bonds [50] and ordinary pep-
tide bonds, and the slow rate of the U < Usg reaction of RNase A implies that the
critical bonds are prolyl peptide bonds rather than ordinary peptide bonds. The
high activation enthalpy (~85 kJ mol~!) expected for isomerization of prolyl pep-
tide bonds was found for the U «» Ug reaction of denatured RNase A, both in
3.3 M HCIO, and in 5 M GdmCl [49]. The acid catalysis results were widely ac-
cepted as evidence that the Ur < Ug reaction of RNase A is proline isomerization,
and the later discovery of prolyl isomerases (see below) ended any doubts. In fur-
ther work, the role of proline isomerization in protein folding kinetics has been
thoroughly analyzed, especially for RNase T1 [51, 52], by combining mutagenesis
of specific proline residues with sequential mixing experiments and with accurate
measurement and analysis of kinetic amplitudes and relaxation times.
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The U < Us reaction of unfolded RNase A is quite slow (~1000 s) at 0 °C and
it is straightforward to ask whether partial folding precedes proline isomerization
at 0 °C. In 1979, Cook, Schmid, and Baldwin [53] tested this issue. They found that
that partial folding does precede proline isomerization and they obtained two quite
surprising results. (1) The major partly folded form (Iy) has properties closely
resembling those of native RNase A (thus, Iy refers to a native-like intermediate).
Iy even has RNase A catalytic activity [54]! (2) Not only does proline isomerization
occur within the folded structure of Iy, but also the isomerization rate is speeded
up in Iy by as much as 40-fold, compared with the rate of the Ug «» Ug reaction
in denatured RNase A [53]. These experiments gave the first clear indication
that partly folded, noncovalent intermediates are sometimes populated during the
kinetic process of protein folding.

Because Ug species fold slowly in physiological conditions, which is likely to
make them susceptible to proteolytic cleavage, prolyl isomerases seemed needed
to speed up proline isomerization in vivo. Gunter Fischer and coworkers found
the first prolyl isomerase and in 1985 they showed that it catalyzes the Ug < Ug
reaction of RNase A [55]. At least three classes of prolyl isomerases are known
today. The role of prolyl isomerases in folding in vivo is discussed elsewhere in
this book (see Chapter 25).

1.7
Covalent Intermediates in the Coupled Processes of Disulfide Bond Formation and
Folding

Disulfide bonds stabilize the folded structures of proteins that contain S—S bonds
and, when they are reduced, the protein typically unfolds. This observation was the
starting point of Anfinsen's work [2] when he showed that the folding process
directs the formation of the four unique S—S bonds of native RNase A. Tom
Creighton had the basic insight that S—S intermediates can be covalently trapped,
purified by chromatography, and structurally characterized. Because formation of
S—S bonds is linked to the folding process, these S—S intermediates should also
be folding intermediates. Beginning in 1974, Creighton reported the isolation and
general properties of both the one-disulfide [56] and two-disulfide [57] intermedi-
ates of the small protein BPTI (bovine pancreatic trypsin inhibitor, 58 residues,
three S—S bonds). He later measured the equilibrium constants for forming each
of the three S—S bonds in BPTI [58, 59]. For example, he found that the effective
concentration of the two —SH groups that form the S—S bond between cysteine res-
idues 5 and 55 is ~107 M [58]. This value is three orders of magnitude higher than
the effective concentration of the two adjacent —SH groups in dithiothreitol [58],
and it illustrates the rigid alignment of these two —SH groups by the folded struc-
ture of BPTI. Later, after the development of two-dimensional NMR made it possi-
ble to determine the structures of protein species that are difficult to crystallize,
Creighton and coworkers determined the structures of various S—S intermediates
of BPTI (see, for example, Ref. [60]). Stabilization of the BPTT structure by a given
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S—S bond depends on the effective concentration of the two —SH groups before the
bond is formed, and the increase in effective concentration as successive S—S
bonds are formed illustrates strikingly how the cooperativity of protein folding op-
erates [58, 59]. The same principle has been used at an early stage in the folding of
BPTI to examine the interplay between S—S bond and reverse turn formation [61].
The pathway of disulfide bond formation in BPTI is complex and has been the sub-
ject of considerable discussion [62, 63].

Early work [2] from Anfinsen’s laboratory showed that nonnative S—S bonds are
often formed during the kinetic process in which unfolded RNase A folds and
eventually makes the correct S—S bonds. Because the S—S bond is covalent, some
mechanism is needed to break nonnative S—S bonds during folding and allow for-
mation of new S—S bonds. Anfinsen and coworkers reported in 1963 that enzymes
such as protein disulfide isomerase [7] have a major role in ensuring that correct
S—S bonds are formed. The role of disulfide isomerases in folding in vivo is dis-
cussed elsewhere in this book (see Chapter 26).

1.8
Early Stages of Folding Detected by Antibodies and by Hydrogen Exchange

Initial studies of the folding of peptide fragments, and also of proteins made to
unfold by removing a stabilizing linkage or cofactor, gave the following general-
ization: the tertiary structures of proteins are easily unfolded and little residual
structure remains afterwards. In 1956 Harrington and Schellman [9] found that
breaking the four disulfide bonds of RNase A causes general unfolding of the ter-
tiary structure and also destroys the helical structure, which should be local struc-
ture that could in principle survive loss of the tertiary structure. In 1968 Epand
and Scheraga [64] tested by circular dichroism (CD) whether peptides from helix-
containing segments of myoglobin still form helices in aqueous solution. They
studied two long peptides and found they have very low helix contents; they did
not pursue the problem. In 1969 Taniuchi and Anfinsen [65] made a similar experi-
ment with SNase. They cleaved the polypeptide chain between residues 126 and
127, which causes the protein to unfold. Both fragments 1-126 and 127-149 were
found to lack detectable native-like structure by various physical methods, includ-
ing circular dichroism. For SNase as for RNase A, circular dichroism indicates that
the native protein has some helical structure and at that time (1968) the X-ray
structure of myoglobin was known [4], which gives the detailed structures of its
eight helices. Thus, the overall conclusion from these experiments was that the
helical secondary structures of the three proteins are stable only when the tertiary
structures are present. In 1971 Lewis, Momany and Scheraga [66] proposed a hier-
archic mechanism of folding in which f-turns play a directing role at early stages
of folding by increasing the effective concentrations of locally formed structures,
such as helices, that later interact in the native structure.

Anfinsen considered it likely that proteins fold by a hierarchic mechanism [1],
and he developed an antibody method for sensitively detecting any native-like



1.8 Early Stages of Folding Detected by Antibodies and by Hydrogen Exchange

structure still present in a denatured protein [67]. His method is simple in princi-
ple. He and his coworkers took fragments 1-126 and 99-149 of SNase, which were
devoid of detectable structure by physical criteria, and bound them covalently to
individual sepharose columns. Antisera were prepared against both native SNase
and the two polypeptide fragments, and polyclonal antibodies were purified by
immunoabsorption against each homologous antigen. The antibodies developed
against native SNase were tested for their ability to cross-react with the two dena-
tured fragments. The results indicate that a weak cross-reaction occurs and a de-
natured fragment reacts with antibodies made against native SNase as if the dena-
tured fragment exists in the “native format” a small fraction (~0.02%) of the time.
These experiments are the forerunner of modern ones in which monoclonal anti-
bodies are made against short peptides, and some of the monoclonal antibodies
cross-react significantly with the native protein from which the peptide is derived.
In 1975 Anfinsen and coworkers made the converse experiment [68]. They found
that antibodies directed against denatured fragments of SNase are able to cross-
react with native SNase. They conclude that antibodies made against denatured
fragments detect unfolded SNase in equilibrium with native SNase, even though
only a tiny fraction of the native protein, less than 0.01%, is found to be unfolded.

In 1979 Schmid and Baldwin [69] developed a competition method for detecting
H-bonded secondary structure formed at an early stage in the refolding of dena-
tured RNase A. Native proteins were known at that time, from Linderstrem-Lang’s
development of the hydrogen exchange method [70], to contain large numbers of
highly protected peptide NH protons. Shortly afterwards, in 1982, NMR hydrogen
exchange experiments by Wagner and Withrich [71] demonstrated that, as ex-
pected, the highly protected peptide NH protons of BPTI are ones involved in H-
bonded secondary structure. In this period the exchange rates of freely exchanging,
unprotected peptide NH protons were already known from earlier studies of dipep-
tides by Englander and coworkers [72]. The peptide NH exchange rates are base-
catalyzed and the rates become faster above pH 7 than the measured folding rates
of the two major Ug species of denatured RNase A.

Thus, the principle of the competition experiment is straightforward [69].
Refolding of denatured, *H-labeled RNase A is performed at pH values where the
rate of exchange-out of the *H label from denatured RNase A is either faster or
slower, depending on pH, than the observed rate of refolding to form native RNase
A. (The exchange rates of peptide NH protons in denatured RNase A can be com-
puted from the peptide data [72].) When exchange-out is slower than folding, the
folding process traps many *H-labeled protons. When exchange-out is faster than
the formation of native RNase A, the observed folding rate can be used to predict
the number of *H-labeled protons that should be trapped by folding. However, the
observed number of *H-labeled protons trapped by folding is always much larger
than the number predicted in this way. Control experiments, made at the same pH
values but in the presence of modest GdmCI concentrations added to destabilize
folding intermediates, show no trapped *H label. The first conclusion is that one
or more folding intermediates are formed rapidly and they give protection against
exchange-out of *H label. The second conclusion is that some form of early struc-
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ture, probably H-bonded secondary structure, is stable before the tertiary structure
is formed. In 1980, a more convenient and informative pulse-labeling version of
the competition experiment was tested [73] and found superior to the competi-
tion method. Methods of resolving and assigning the proton spectra of native pro-
teins were being developed rapidly in the early 1980s and it was evident that the
secondary structures of early folding intermediates would be determined by this
approach, probably within a few years. A stopped-flow apparatus could be used
to trap protected peptide NH protons by means of 2H-'H exchange, and 2D 'H-
NMR could then be used to determine the structural locations of the protected
N'H protons.

1.9
Molten Globule Folding Intermediates

In 1981, Oleg Ptitsyn and coworkers released a bombshell [74] that was compara-
ble in its impact to Levinthal's paradox. They proposed that the folding intermedi-
ates everyone had been searching for were sitting under our noses in plain sight,
in the form of partly folded structures formed when certain native proteins are ex-
posed to mildly destabilizing conditions. A few proteins were known to form these
curious, partly folded, structures, particularly at acid pH. Ptitsyn and coworkers
proposed that the partly folded forms, or “acid forms,” were structurally related to
authentic folding intermediates. The acid forms were supposed to differ from true
folding intermediates essentially only by protonation reactions resulting from pH
titration to acid pH. The acid forms were found to have surprising properties
which suggested that their secondary structures are stable and native-like and their
conformations are compact, even though the acid forms lack fixed tertiary struc-
tures (for reviews, see Refs [75, 76]). Until then, most workers had taken it for
granted that folding intermediates should simply be “partial replicas” of native
proteins. They should contain some unfolded segments plus some other folded
segments whose tertiary and secondary structures are native-like. Later work has
verified essential features of Ptitsyn's proposal, although argument about the de-
tails continues.

Ptitsyn's background was in polymer physics, and he was accustomed to ana-
lyzing problems involving the conformations of polymers. In 1973, he gave his
forecast of a plausible model for the kinetic process of protein folding [77], which
resembles the 1971 hierarchic mechanism of Scheraga and coworkers [66] but in-
cludes also later stages in the folding process. Ptitsyn later used the term “frame-
work model,” coined in a 1982 review by Kim and Baldwin [78], to describe his
model. In making his 1981 proposal [74], Ptitsyn was impressed by the resem-
blance between the physical properties of acid forms and the properties he had hy-
pothesized for early folding intermediates. He must also have been impressed by
Kuwajima’s results for the acid form of «-LA, which revealed some striking proper-
ties of acid forms (see below).

The name “molten globule” was given to these acid forms by Ohgushi and Wada
[79] in 1983: “globule” meaning compact, “molten’” meaning no fixed tertiary
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structure. Ohgushi and Wada were studying two acid forms of cyt ¢, which are con-
verted from one form to the other by varying the salt concentration [79, 80].

In 1981 the best studied of these partly folded acid forms was bovine a-
lactalbumin (o-LA), which was chosen by Ptitsyn and coworkers [74] for their ini-
tial study of an acid form. In 1976 and earlier, Kuwajima and coworkers had ana-
lyzed the pH-dependent interconversion between the acid form (or “A-state””) and
native o-LA [81]. They found a very unusual equilibrium folding intermediate in
GdmCl-induced denaturation at neutral pH [81], which by continuity — as the pH
is varied — is the same species as the acid form of o-LA. The explanation for this
unusual folding intermediate is that native «-LA is a calcium metalloprotein, a
property discovered only in 1980 [82]. The 1976 [81] and earlier studies of a-LA
were made with the apoprotein in the absence of Ca?*, and the apoprotein is
much less stable than the holoprotein. When GdmCl-induced unfolding of the
more stable holoprotein is studied in the presence of Ca?*, no stable folding in-
termediate is observed [76]. The near-UV and far-UV CD spectra of the 1976 fold-
ing intermediate [81] reveal some basic properties of molten globule intermediates.
The o-LA folding intermediate has no fixed tertiary structure, as judged by its near-
UV CD spectrum, but its secondary structure resembles that of native o-LA, as
judged by its far-UV CD spectrum. In 1990, when 2D 'H-NMR was used together
with 2H-'H exchange to determine the locations and stability of the helices in a
few acid forms, the helices were found at the same locations as in the native struc-
tures. Particularly clear results were found for the helices in the acid forms of cyt ¢
[83] and apomyoglobin [84].

1.10
Structures of Peptide Models for Folding Intermediates

By 1979 a paradox was evident concerning the stability of helices in folding inter-
mediates. The experiments of Epand and Scheraga and of Taniuchi and Anfinsen
indicated that the helices of myoglobin [64] and SNase [65] were unstable when
the intact polypeptide chains of these proteins were cut into smaller fragments.
On the other hand, the 3H-labeling experiments of Schmid and Baldwin [69] indi-
cated that an early folding intermediate — probably a H-bonded intermediate — of
RNase A is stable before the tertiary structure is formed. In 1971 Brown and Klee
[85] had found partial helix formation by CD at 0 °C in the “C-peptide” of RNase
A. C-peptide is formed by cyanogen bromide cleavage at Met13 and contains resi-
dues 1-13, while residues 3—12 form a helix in native RNase A.

In 1978, Blum, Smallcombe and Baldwin [86] used the four His residues of
RNase A as probes for structure in an NMR study in real time of the kinetics of
RNase A folding at pH 2, 10 °C. These are conditions in which the folding rate is
sufficiently slow to take 1D NMR spectra during folding. The carbon-bound pro-
tons of the imidazole side chains could be resolved by 1D NMR in that period, pro-
vided the peptide N'H protons are first exchanged for 2H. By chemical shift, His12
appears to be part of a rapidly formed, folded structure at 10 °C, although it is un-
folded at 45 °C, pH 2 [86]. This result suggests that the N-terminal helix of RNase

15



16

1 Early Days of Studying the Mechanism of Protein Folding

A is partly folded at low temperatures, in agreement with the C-peptide study of
Brown and Klee [85]. An ensuing study by Bierzynski et al. [87] confirmed that
temperature-dependent helix formation does occur. Interestingly, C-peptide helix
formation was found to be strongly pH dependent with apparent pK values, indi-
cating that the ionized forms of His12 and either Glu9 or Glu2 are needed for helix
formation [87]. Many peptides later, two specific side-chain interactions were found
to contribute substantially to C-peptide helix stability [88]: an amino—aromatic in-
teraction between Phe8 and His127, and a salt bridge between Glu2~ and Argl0™*.
Both interactions could be seen in the 1970 X-ray structure of RNase S [89], al-
though the Phe 8+<+His 127 interaction was not recognized as such in 1970.

In 1989, Marqusee et al. [90] found that alanine-based peptides form stable
helices in water without the help of any specific interactions. Because alanine has
only a -CHj side chain, this result indicates that the helix backbone itself is stable
in water, although the helix has only marginal stability. Side chains longer than
that of Ala detract from, rather than increasing, helix stability. In 1985 Dyson and
coworkers [91] found that even reverse turns can be detected in short peptides by
'H-NMR, and 10 years later Serrano and coworkers [92] observed formation of a
stable f-hairpin in water. Thus, it is possible for all classes of secondary structure
to be present, and to aid in directing the folding process, at very early stages of the
folding process.

In 1988 a landmark experiment by Oas and Kim [93] showed that peptides
are able to model more advanced folding intermediates. Oas and Kim took two
peptides from BPTI: P,, a 16-residue peptide from residues 43-58 which includes
the C-terminal helix, and Py, a 14-residue peptide from residues 20-33 which in-
cludes part of the central g-hairpin. Separately, each peptide appears structureless
by physical criteria. When the two peptides are joined by forming the 30-51 S—S
bond, both helical and f structures appear. NMR characterization indicates that the
3D structure of the peptide complex resembles that of BPTI [93]. The central ques-
tion about folding intermediates in that period was [78]: are they formed according
to the framework model (secondary structure forms before tertiary structure) or the
subdomain model (secondary and tertiary structures form simultaneously in local
subdomains)? Before the 1988 experiment of Oas and Kim [93], all evidence
seemed to support the framework model. After their experiment, the subdomain
model became the focus of much further work.
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2
Spectroscopic Techniques to Study
Protein Folding and Stability

Franz Schmid

2.1
Introduction

Optical spectroscopy provides the standard techniques for measuring the confor-
mational stabilities of proteins and for following the kinetics of unfolding and re-
folding reactions. Practically all unfolding and refolding reactions are accompanied
by changes in absorbance, fluorescence, or optical activity (usually measured as the
circular dichroism). These optical properties scale linearly with protein concentra-
tion. Spectra and spectral changes can be measured with very high accuracy in di-
lute protein solutions, and spectrophotometers are standard laboratory equipment.
Therefore the methods of optical spectroscopy will remain the basic techniques for
studying protein folding. Light absorbance occurs in about 10~ s and the excited
states show lifetimes of around 108 s. Optical spectroscopy is thus well suited for
measuring the kinetics of ultrafast processes in folding (e.g., in temperature-jump
or pressure-jump experiments).

Proteins absorb and emit light in the UV range of the spectrum. The absorbance
originates from the peptide groups, from the aromatic amino acid side chains and
from disulfide bonds. The fluorescence emission originates from the aromatic
amino acids. Some proteins that carry covalently linked cofactors, such as the
heme proteins, show absorbance in the visible range.

In absorption, light energy is used to promote electrons from the ground state to
an excited state, and when the excited electrons revert back to the ground state they
can lose their energy in the form of emitted light, which is called fluorescence.
When a chromophore is part of an asymmetric structure, or when it is immobi-
lized in an asymmetric environment, left-handed and right-handed circularly polar-
ized light are absorbed to different extents, and we call this phenomenon circular
dichroism (CD).

The energies of the ground and the activated state depend on the molecular
environment and the mobility of the chromophores, and therefore the optical prop-
erties of folded and unfolded proteins are usually different. Spectroscopy is a
nondestructive method, and, if necessary, the samples can be recovered after the
experiments.

Protein Folding Handbook. Part 1. Edited by J. Buchner and T. Kiefhaber
Copyright © 2005 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim
ISBN: 3-527-30784-2



2.2 Absorbance

This chapter provides an introduction into the spectral properties of amino acids
and proteins as well as practical advice for the planning and the interpretation of
spectroscopic measurements of protein folding and stability.

2.2
Absorbance

Light absorption can occur when an incoming photon provides the energy that is
necessary to promote an electron from the ground state to an excited state. The
energy (E) of light depends on its frequency v (E = hv) and is thus inversely corre-
lated with its wavelength A (E = hc/A). Light in the 200-nm region has sufficient
energy for exciting electrons that participate in small electronic systems such as
double bonds. Aromatic molecules have lower lying excited states, and therefore
they also absorb light in the region between 250 and 290 nm, which is called the
“near UV” or “aromatic”’ region of a spectrum. The amino acids phenylalanine,
tyrosine, and tryptophan absorb here, as well as the bases in nucleic acids. The
aromatic region is used extensively to follow the conformational transitions of
proteins and nucleic acids. Light in the visible region of the spectrum can only
excite electrons that participate in extended delocalized n systems. Such systems
do not occur in normal proteins, but can be introduced by site-specific labeling.
The basic aspects of protein absorption are very well covered in Refs [1-6].

The absorbance (A) is related to the intensity of the light before (I,) and after (I)
passage through the protein solution:

A = —log,,(1/1,) (1)

The absorbance depends linearly on the concentration of the absorbing molecules
in a solution, and absorbance can be measured very easily and with very high
accuracy. Therefore absorbance spectroscopy is the most common method for
determining the concentration of biological macromolecules in solution. The rela-
tion between A and the molar concentration ¢ is given by the Beer-Lambert
relationship:

A=egxcxl (2)
where [ is the pathlength in cm, and ¢ is the molar absorption coefficient, which

can be determined experimentally or calculated for proteins by adding up the con-
tributions of the constituent aromatic amino acids of a protein [7-10].

2.2.1
Absorbance of Proteins

Proteins absorb light in the UV range. As an example, the absorption spectrum of
lysozyme is shown in Figure 2.1. The peptide bonds of the protein backbone ab-
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Fig. 2.1. Absorption spectrum of lysozyme. The inset provides an expanded view of the
The spectrum was measured at a protein spectrum in the near-UV region. It was
concentration of 0.65 pM in 10 mM K- measured with 5.5 uM lysozyme under

phosphate buffer pH 7.0, 25 °C, in a 1-cm cell.  otherwise identical conditions.

sorb strongly between 180 and 230 nm. Figure 2.1 shows the descending slope of
this absorption. The shoulder near 220 nm also contains significant contributions
from the aromatic residues of lysozyme. The inset of Figure 2.1 provides an ex-
panded view of the near-UV region of the spectrum. The absorption here is caused
by the aromatic side chains of tyrosine, tryptophan, and phenylalanine. Disulfide
bonds display a very weak absorbance band around 250 nm. Figure 2.1 emphasizes
that proteins absorb much more strongly in the far-UV region than in the near-UV
(the “aromatic”) region, which is commonly used to measure protein concentra-
tions and to follow protein unfolding.

Spectra of the individual aromatic amino acids are shown in Figure 2.2; their
molar absorptions at the respective maxima in the near UV are compared in Table
2.1. The contributions of phenylalanine, tyrosine, and tryptophan to the absorb-
ance of a protein are strongly different. In the aromatic region the molar absorp-
tion of phenylalanine (Jm. = 258 nm, &5 = 200 M~! cm™!) is smaller by an
order of magnitude compared with those of tyrosine (Am.x = 275 nm, &5 = 1400
M~ cm™!) and tryptophan (Amax = 280 nm, &80 = 5600 M~! cm™!), and it is vir-
tually zero above 270 nm. The near-UV spectrum of a protein is therefore domi-
nated by the contributions of tyrosine and tryptophan. The shape of the absorbance
spectrum of a protein reflects the relative contents of the three aromatic residues in
the molecule.

The absorbance maximum near 280 nm is used for determining the concentra-
tions of protein solutions and the 280-295 nm range is used to follow protein un-
folding reactions. In this wavelength range only tyrosine and tryptophan contribute
to the observed absorbance and to the changes caused by conformational changes.
With the distinct fine structure of their absorbance (Figure 2.2) the phenylalanine
residues contribute “wiggles” in the 250-260 nm region, and they influence the



2.2 Absorbance

025 T T T T 018 T T T T 080 T T
Phe a Tyr Trp c
0.20r b
060 g
012 H b
015 -
3 040 .
c
3 o10 .
s 006 - -
o
< 020 A
0.05 b
0 L I I 0 1 1 ! 1
250 300 250 300 250 300
Alnm) Alnm) Anm)
Fig. 2.2. Ultraviolet absorption spectra of the  (a) 1 mM phenylalanine, (b) 0.1 mM tyrosine,

(c) 0.1 mM tryptophan. The figure is taken
from Ref. [6].

aromatic amino acids in a 1-cm cell in 0.01 M
potassium phosphate buffer, pH 7.0 at 25 °C.

ratio A0/ Azs0, which is often used to identify contaminating nucleic acids in pro-
tein preparations.

The aromatic amino acids absorb only below 310 nm, and therefore pure protein
solutions should not show absorbance at wavelengths greater than 310 nm. Pro-
teins that are devoid of tryptophan should not absorb above 300 nm (cf. Figure
2.2). A sloping baseline in the 310-400 nm region usually originates from light
scattering when large particles, such as aggregates are present in the protein solu-
tion. A plot of log;, A as a function of log,, wavelength (above 310 nm) reveals the
contribution of light scattering, and the linear extrapolation to shorter wavelength
can be used to correct the measured absorbance for the contribution of scattering
[5].

Figure 2.3 reflects the strong influence of tryptophan residues on absorbance
spectra. It compares the absorption spectra of the wild-type form (Figure 2.3a)
and the Trp59Tyr variant (Figure 2.3b) of ribonuclease T1. The wild-type protein

Tab. 2.1.  Absorbance and fluorescence properties of the aromatic amino acids?.

Compound Absorbance Fluorescence Sensitivity
Amax Emax Amax ¢Fb Emax X ¢Fb
(nm) (M~ em™) (nm) M~ em™)

Tryptophan 280 5600 355 0.13 730

Tyrosine 275 1400 304 0.14 200

Phenylalanine 258 200 282 0.02 4

2In water at neutral pH; data are from Ref. [26].
b, fluorescence quantum yield.
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Fig. 2.3. Ultraviolet absorption spectra of a) unfolded forms are shown in b) and d).

the wild-type form, and c) the Trp59Tyr variant ~ Spectra of 15 pM protein were measured

of ribonuclease T1. The spectra of the native at 25 °C in 1-cm cuvettes in a double-beam
proteins (in 0.1 M sodium acetate, pH 5.0) are instrument with a bandwidth of 1 nm at 25 °C.
shown by the continuous lines. The spectra of ~ The spectra of the native and unfolded

the unfolded proteins (in 6.0 M GdmCl in the  proteins were recorded successively, stored,
same buffer) are shown by broken lines. The and subtracted. The figure is taken from Ref.
difference spectra between the native and [6].

contains one tryptophan and nine tyrosines, the Trp59Tyr variant contains 10 tryo-
sines and no tryptophan. The Trp59Tyr replacement reduces the absorbance in the
280-290 nm region significantly (Figure 2.3c), and the absorbance is essentially
zero above 300 nm.

In folded proteins, most of the aromatic residues are buried in the hydrophobic
core of the molecule, and upon unfolding they become exposed to the aqueous sol-
vent. The spectral changes that accompany unfolding are dominated by a shift of
the absorption spectra of the aromatic amino acids towards lower wavelengths (a
blue shift). In addition, small changes in intensity and peak widths are observed
as well. The blue shift upon unfolding is typically in the range of 3 nm. It leads to
maxima in the difference spectra between native and unfolded proteins in the de-
scending slope of the original spectrum, that is in the 285-288 nm region for tyro-
sine and around 291-294 nm for tryptophan [11].

Figure 2.3 shows also the spectra for the unfolded forms of the two variants of
ribonuclease T1. The difference spectra in Figure 2.3b,d show that the maximal dif-
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ferences in absorbance are indeed observed in the descending slopes of the original
spectra in the 285-295 nm region. The difference spectrum of the Trp59Tyr variant
(Figure 2.3d) shows a prominent maximum at 287 nm. It is typical for proteins
that contain tyrosine residues only. In the wild-type protein with its single trypto-
phan (Figure 2.3b) additional signals are observed between 290 and 300 nm. They
originate from the absorbance bands of tryptophan, which are visible as shoulders
in the protein spectrum (Figure 2.3a). Difference spectra between the native and
the unfolded form, such as those for the variants of ribonuclease T1 in Figure
2.3b,d are observed for most proteins. Generally, these differences are small, but
they can be determined with very high accuracy. The contributions of phenylala-
nine residues to difference spectra are very small. In some cases they are apparent
as ripples in the spectral region around 260 nm (cf. Figure 2.3b,d). They are easily
mistaken as instrumental noise.

Proteins are usually unfolded by increasing the temperature or by adding desta-
bilizing agents such as urea or guanidinium chloride (GdmCl) (see Chapter 3).
These changes not only unfold the protein, but they also influence the spectral
properties of the protein solution. The refractive index of the solution decreases
slightly with increasing temperature, the protein concentration decreases because
the solution expands upon heating, and the ionization state of dissociable groups
can change. All these effect are very small, and in combination they often lead to
an almost temperature independent protein absorbance in the absence of unfolding.

Chemical denaturants have a significant influence on the absorbances of tyro-
sine and tryptophan at 287 nm and at 291 nm, respectively, where protein unfold-
ing is usually monitored. The refractive index of the solvent increases as a function
of the concentration of GdmCI or urea, which leads to a slight shift to higher wave-
lengths (a red shift) of the spectra and thus to an increase in absorbance at 287 and
291 nm. Ay of tryptophan increases by about 50% when 7 M GdmcCl is added.
Similar increases are also observed for tyrosine at 287 nm and when urea is used
as the denaturant. The GdmCl and urea dependences of tyrosine and tryptophan
absorbance are found in Ref. [6]. The spectrum of the unfolded form of a protein
and its denaturant dependence can be modeled by mixing tyrosine and tryptophan
in a ratio as in the protein under investigation and by measuring the absorbance of
this mixture as a function of the denaturant concentration. Such data provide ade-
quate base lines for denaturant-induced unfolding transitions.

The absorbance changes upon unfolding are measured in the steeply descending
slopes of the absorbance spectra (cf. Figure 2.3) and consequently they depend
on the instrumental settings (in particular on the bandwidth). The reference data
must therefore be determined under the same experimental settings as the actual
unfolding transition.

2.2.2
Practical Considerations for the Measurement of Protein Absorbance

The solvents used for spectroscopic measurements should be transparent in the
wavelength range of the experiment. Water absorbs only below 170 nm, but several
of the commonly used buffers absorb significantly already in the region below
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Tab. 2.2. Absorbance of various salt and buffer solutions in the far-UV region2.

Compound No Absorbance of a 0.01 M solution
absorbance in a 0.1-cm cell at:
above (nm)

210 nm 200 nm 190 nm 180 nm

NaClO4 170 0 0 0 0
NaF, KF 170 0 0 0 0
Boric acid 180 0 0 0 0
NacCl 205 0 0.02 >0.5 >0.5
Na,HPO, 210 0 0.05 0.3 >0.5
NaH,PO,4 195 0 0 0.01 0.15
Na-acetate 220 0.03 0.17 >0.5 >0.5
Glycine 220 0.03 0.1 >0.5 >0.5
Diethylamine 240 0.4 >0.5 >0.5 >0.5
NaOH pH 12 230 >0.5 >2 >2 >2
Boric acid, NaOH pHO9.1 200 0 0 0.09 0.3
Tricine pH 8.5 230 0.22 0.44 >0.5 >0.5
Tris pH 8.0 220 0.02 0.13 0.24 >0.5
Hepes pH 75 230 0.37 0.5 >0.5 >0.5
Pipes pH 7.0 230 0.20 0.49 0.29 >0.5
Mops pH 7.0 230 0.10 0.34 0.28 >0.5
Mes pH 6.0 230 0.07 0.29 0.29 >0.5
Cacodylate pH 6.0 210 0.01 0.20 0.22 >0.5

aBuffers were titrated with 1 M NaOH or 0.5 M H,SOy4 to the
indicated pH values. Data are from Ref. [6].

230 nm. It is therefore important to select appropriate buffers for measurements
in this spectral region and to carefully match buffer concentrations in the sam-
ple and the reference cell. Absorbance values of commonly used salt and buffer
solutions are found in Table 2.2.

Denaturants such as urea and GdmCl are used in very high concentrations (typ-
ically 1-10 M) in protein unfolding experiments. Therefore, the purity of these
unfolding agents is of utmost importance. Even impurities in the 1 ppm range
are present in the same range of concentration as the protein to be studied (often
near 1 pM). Such impurities (such as cyanate in urea solutions) might lead to
chemical modifications of the protein. In addition, they may absorb light and thus
interfere with the measurement of protein difference spectra.

Solutions for spectroscopy should be filtered through 0.45-um filters or centri-
fuged to remove dust particles. For measuring difference spectra such as in protein
unfolding studies, a double-beam spectrophotometer and a set of matched quartz
cells should be used. The equivalence of two cuvettes is easily tested by placing
aliquots of the same solution (e.g., a solution of the protein of interest) into sam-
ple and reference cuvette. The difference in absorbance between both cells should
ideally be zero (or <0.5% of the measured absorbance) in the wavelength range
of interest.
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2.2.3
Data Interpretation

Absorbance spectroscopy is an accurate method, but usually spectral changes such
as those observed upon protein unfolding cannot be interpreted in molecular
terms. The size and shape of difference spectra depends on the nature and the
number of the aromatic amino acids as well as on the degree of burial of their
side chains in the interior of the native protein. Changes can be assigned to partic-
ular aromatic residues only for proteins that carry only a single tyrosine or trypto-
phan residue, for example, or for mutants that differ from the reference protein
only in a single aromatic residue (such as the ribonuclease T1 variants in Figure
2.3).

In the early days of protein spectroscopy there were efforts to determine by dif-
ference spectroscopy the number of aromatic residues that are buried in the native
protein and become exposed upon unfolding. Donovan [3] presented estimates for
the change in absorbance produced by the transfer of a residue from the protein
interior to water. He suggested numbers of —700 M~! cm™! at 287 nm for tyrosine
and —1600 M~ cm™! at 292 nm for tryptophan. These values were derived by as-
suming that the transfer from the interior of a protein to an aqueous environment
is equivalent to a transfer from 120% ethylene glycol to water. In a protein the
absorbance changes upon unfolding depend on the environment of the aromatic
residues in the folded protein, which are different for the individual residues, and
therefore the numbers given above are, at best, reasonable first approximations.

In summary, the molecular interpretation of absorption differences is often
vague. The usefulness of absorption spectroscopy for studies of protein folding
rather lies in the favourable properties of absorbance and the ease of the measure-
ments. Absorbance changes linearly with concentration, and even small differen-
ces in absorbance can be measured with very high accuracy and reproducibility.
Moreover, absorbance can be followed with a very high time resolution after rapid
mixing or after perturbations such as a temperature or a pressure jump. Thus,
absorbance spectroscopy remains to be a powerful technique for determining the
stability of proteins (Chapter 3) and for following the kinetics of protein unfold-
ing and refolding (Chapter 12.1).

23
Fluorescence

A molecule emits fluorescence when, after excitation, an electron returns from the
first excited state (S1) back to the ground state (So). At about 1078 s, the lifetime of
the excited state is very long compared with the time for excitation, which takes
only about 10~° s (on the human time scale this would be equivalent to the times
of 1 year and 1 second). An excited molecule thus has ample time to relax into
the lowest accessible vibrational and rotational states of S; before it returns to the
ground state. As a consequence, the energy of the emitted light is always smaller
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than that of the absorbed light. In other words, the fluorescence emission of a
chromophore always occurs at a wavelength that is higher than the wavelength of
its absorption.

Electrons can revert to the ground state Sy also by nonradiative processes (such
as vibrational transitions), and in some instances transitions to the excited triplet
state Ty occur. The S; to T; transition is facilitated by magnetic perturbations,
such as the collision of an activated molecule with paramagnetic molecules or
with molecules with polarizable electrons. This leads to the phenomenon of fluo-
rescence quenching. Good collisional quenchers are iodide ions, acrylamide, or
oxygen. Quenching can also occur intramolecularly, in proteins by the side chains
of Cys and His and by amides and carboxyl groups. All conformational transitions
that change the exposure to quenchers in the solvent or within the protein will
thus lead to fluorescence changes.

Another factor that leads to a decrease in emission is fluorescence resonance
energy transfer (FRET), also called Forster transfer. The efficiency of this energy
transfer between two chromophores depends, among other factors, on the extent
of overlap between the fluorescence spectrum of the donor and the absorption
spectrum of the acceptor, and, in particular, on the distance between donor and
acceptor.

In combination, these radiationless routes of deactivation compete with light
emission, and therefore the quantum yields (¢;) of most chromophores are much
smaller than 1. ¢ is equal to the ratio of the emitted to the absorbed photons. Its
maximal value is thus 1. Good introductions into the principles of fluorescence of
biological samples are found in Refs [2, 12, 13].

2.3.1
The Fluorescence of Proteins

The fluorescence of proteins originates from the phenylalanine, tyrosine, and tryp-
tophan residues. Emission spectra for the three aromatic amino acids are shown in
Figure 2.4, and their absorption and emission properties are summarized in Table
2.1. The excitation spectra correspond to the respective absorption spectra (Figure
2.2).

The fluorescence intensity of a particular chromophore depends on both its ab-
sorption at the excitation wavelength and its quantum yield at the wavelength of
the emission. The product ey, X @5 is thus a good parameter to characterize the
fluorescence “sensitivity” of this chromophore. In proteins that contain all three
aromatic amino acids, fluorescence is usually dominated by the contribution of
the tryptophan residues because its sensitivity parameter is 730, which is much
higher than the corresponding values which are 200 for tyrosine and only 4 for
phenylalanine (Table 2.1). In proteins, phenylalanine fluorescence is practically
not observable, because the other two aromatic residues absorb strongly around
280 nm, where phenylalanine emits, and because its emission is almost completely
transferred to tyrosine and tryptophan by FRET.

The fluorescence of tyrosines is often undetectable in proteins that also contain
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Fig. 2.4. Fluorescence spectra of the aromatic 1 uM tryptophan were used. Excitation was at
amino acids in 0.01 M potassium phosphate 257 nm (Phe), 274 nm (Tyr), and 278 nm
buffer, pH 7.0 at 25 °C. For the measurements, (Trp). The figure is taken from Ref. [6].

100 pM phenylalanine, 6 uM tyrosine, and

tryptophan, (i) because tryptophan shows a much stronger emission than tyrosine
(Table 2.1), (ii) because in folded proteins tryptophan emission is often shifted to
lower wavelengths and thus masks the contribution of tyrosine at 303 nm, and
(iii) because FRET can occur from tyrosine to tryptophan in the compact native
state of a protein [13, 14].

23.2
Energy Transfer and Fluorescence Quenching in a Protein: Barnase

The small bacterial ribonuclease barnase provides an instructive example for
how strongly protein fluorescence is influenced by the local environment of the
chromophores by quenching and by energy transfer, in this case transfer between
individual tryptophan residues. Barnase contains three tryptophan residues at posi-
tions 35, 71, and 94 (Figure 2.5a). Trp94 is in close contact with His18, Trp71 is
about 10 A away from Tyr92, and Trp35 is about 25 A away from the other two tryp-
tophan residues. The fluorescence of wild-type barnase increases strongly between
pH 6 and pH 9, following a titration curve with an apparent pK of 7.75. This was
suggested to reflect the quenching of Trp94 emission by His18.

Fersht and coworkers [15] constructed single mutants of barnase, one in which
His18 was mutated to a glycine and then three mutants in which one tryptophan
residue at a time was mutated to another aromatic or aliphatic residue. They found
that the fluorescence of barnase increased more than 2.5-fold when His17 was mu-
tated to Gly (Figure 2.5b), which suggests that His18 does indeed act as an intra-
molecular quencher of Trp94 fluorescence. The observed fluorescence increase
was, however, much higher than expected under the implicit assumption that all
three tryptophan residues contribute equally to the fluorescence of the wild-type
protein.
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Fig. 2.5. a) The structure of barnase showing  buffer, pH 5.5 at the same protein concen-
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His18. b) Fluorescence emission spectra of is protonated. The maximal emission of the
barnase and the variants with single mutations wild-type protein (W.T.) is set as 100. The
of His18 and of its three Trp residues. All figure is taken from Ref. [15].

spectra were recorded in 10 mM Bis/Tris
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The subsequent mutations of the individual tryptophan residues revealed that
their contributions to the overall fluorescence are indeed strongly different. The
Trp35Phe mutation alone decreased the emission by 80% (Figure 2.5b), which in-
dicates that Trp35 is the major contributor to the fluorescence of wild-type barnase,
and that the emission of the other two tryptophan residues is largely abolished in
the folded protein. Indeed, the replacement of Trp71 by a tyrosine decreased the
emission only by 15% (Figure 2.5b). Trp71 is close to Trp94 (Figure 2.5a) and loses
most of its emission because of energy transfer to Trp94. Trp94 in turn is effi-
ciently quenched by the neighboring His18. The replacement of Trp94 by Phe or
Leu prevents both energy transfer from Trp71 and the quenching of Trp94 by
His18. As a consequence, the substitution of Trp94 led to a twofold increase in flu-
orescence (Figure 2.5b). It reflects the increase in the fluorescence of Trp71, which,
in the Trp94Phe variant, no longer loses emission by energy transfer to Trp94.

In summary, this mutational analysis reveals how, in wild-type barnase, Trp71
and Trp94 lose most of their emission via quenching by His18. It demonstrates
nicely that protein fluorescence is strongly influenced by energy transfer and by
intramolecular quenching, which render fluorescence an excellent probe for pro-
tein folding.

233
Protein Unfolding Monitored by Fluorescence

The extended lifetime of the excited state is a key to understanding the changes
that occur during a protein folding transition. As described above, a broad range
of interactions or perturbations can influence the fluorophore while it is in the
activated state. In particular, singulet-to-triplet inter system crossing can occur, or
energy transfer to an acceptor. Fluorescence emission is consequently much more
sensitive to changes in the environment of the chromophore than absorption.

The changes in fluorescence during the unfolding of a protein are often very
large. In proteins that contain tryptophan both shifts in wavelength and changes
in intensity are usually observed. Depending on the environment in the folded pro-
tein the tryptophan emission of a native protein can be greater or smaller than the
emission of free tryptophan in aqueous solution, and fluorescence can increase or
decrease upon unfolding, depending on the protein under investigation. The emis-
sion maximum of solvent-exposed tryptophan is near 350 nm, but in a hydropho-
bic environment, such as in the interior of a folded protein, tryptophan emission
occurs at lower wavelengths (indole shows an emission maximum of 320 nm in
hexane [16]). As an example the emission spectra of native and of unfolded ribo-
nuclease T1 are shown in Figure 2.6. As mentioned, ribonuclease T1 contains
nine tyrosine residues and only one tryptophan (Trp59), which is inaccessible to
solvent in the native protein [17].

The fluorescence of the tryptophan residues can be investigated selectively by ex-
citation at wavelengths higher than 295 nm. Tyrosine does not absorb above 295
nm because its absorbance spectrum is blue shifted (as compared with tryptophan,
Figure 2.2) and is thus not excited at 295 nm. A comparison of the emission spec-
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Fig. 2.6. Fluorescence emission spectra of at a) 278 nm and b) 295 nm. The bandwidths
native (——) and of unfolded (------- ) ribo- were 3 nm for excitation and 5 nm for
nuclease T1. Native ribonuclease T1 (1.4 pM)  emission. Spectra were recorded at 25 °C in
was in 0.1 M sodium acetate pH 5.0, the 1 x 1 cm cells in a Hitachi F-4010 fluorimeter.
sample of unfolded protein contained 6.0 M The figure is taken from Ref. [6].
GdmCl in addition. Fluorescence was excited

tra observed after excitation at 280 nm and at 295 nm gives information about the
contributions of the tryptophan and the tyrosine residues to the fluorescence of a
protein. The data for ribonuclease T1 in Figure 2.6 show that the shapes of the flu-
orescence spectra observed after excitation at 278 nm and 295 nm are virtually
identical. The measured emission originates almost completely from the single
Trp59, which is inaccessible to solvent and hence displays a strongly blue-shifted
emission maximum near 320 nm. Tyrosine emission is barely detectable in the
spectrum of the native protein, because energy transfer to tryptophan occurs. Un-
folding by GdmClI results in a strong decrease in tryptophan fluorescence and a
concomitant red shift of the maximum to about 350 nm. The distances between
the tyrosine residues and Trp59 increase, and energy transfer becomes less effi-
cient. As a consequence, the tyrosine fluorescence near 303 nm becomes visible
in the spectrum of the unfolded protein when excited at 278 nm (Figure 2.6a), but
not when excited at 295 nm (Figure 2.6b). The examples in Figure 2.6 indicate that,
unlike the absorbance changes, the fluorescence changes upon folding can be very
large and the contribution of the tryptophan residues can be studied selectively by
changing the excitation wavelength. These features, together with its very high sen-
sitivity, make fluorescence measurements extremely useful for following conforma-
tional changes in proteins.

Multiple emission bands do not necessarily originate from different tryptophan
residues of a folded protein. Figure 2.6 shows that even single tryptophan residues,
such as Trp59 of ribonuclease T1 can give rise to several emission bands.

In contrast to ribonuclease T1, where we found a fivefold decrease of tryptophan
fluorescence, the fluorescence of the FK 506 binding protein FKBP12 increases
about 12-fold upon unfolding [18]. Figure 2.7 shows fluorescence spectra recorded
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Fig. 2.7. Urea-induced denaturation of curve based on the integrated emission
FKBP12 measured by intrinsic tryptophan intensities between 304 and 500 nm. The

fluorescence at 25 °C. A) Samples containing  dashed lines represent linear fits to the pre-
50 uM FKBP12 in 75 mM phosphate/25 mM and post-transitional baselines. Inset b) A plot

glycine buffer, 1 mM DTT, pH 7.2 and the of the fluorescence intensity at 350 nm versus
following concentrations of urea. A)-J) 0.0, protein concentration to examine the linear
3.1,3.4,3.7,4.1,4.4,47,5.1,6.1,and 7.1 M. dependence of the emission on protein
Excitation was at 294 nm to minimize inner concentration. The figure is taken from Ref.
filter effects. Inset a) Equilibrium unfolding 8.

between 0 M and 7.1 M urea. Incidentally both ribonuclease T1 and FKBP12 have
a single tryptophan at position 59. The emission of Trp59 of FKBP12 is barely de-
tectable in the folded protein (Figure 2.7), but as soon as the protein enters the
transition zone (around 3 M urea, cf. inset a in Figure 2.7) the fluorescence in-
creases strongly and its maximum shifts from 330 nm to 350 nm.

In the experiments shown in Figure 2.7 the fluorescence of the tyrosine residues
of FKBP12 was suppressed by exciting Trp59 selectively by light of 294 nm. At
this wavelength tyrosine absorption is almost zero (cf. Figure 2.2). In addition, at
294 nm the absorbance of the samples is very low, the inner filter effect (cf. Sec-
tion 2.3.5) becomes negligible, and the fluorescence emission remains linear over
a wide range of protein concentrations (cf. inset b of Figure 2.7).

The fluorescence maximum of tyrosine remains near 303 nm, irrespective of its
molecular environment. Therefore the unfolding of proteins that contain only tyro-
sine is usually accompanied by changes in the intensity, but not in the wavelength
of emission. As an example, the fluorescence emission spectra of the Trp59Tyr
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Fig. 2.8. Fluorescence emission spectra of pH 5.0; the unfolded sample contained
1.5 uM of the native (——) and of the unfolded 6.0 M GdmCl in addition. Fluorescence was
(-=-- ) Trp59Tyr variant of ribonuclease T1. excited at 278 nm, the spectra were recorded
This protein contains 10 Tyr residues. The as in Figure 2.6. The figure is taken from Ref.
native protein was in 0.1 M sodium acetate, [6]-

variant of ribonuclease T1 in the native and unfolded states are shown in Figure
2.8. A decreased tyrosine fluorescence in the native state (as in Figure 2.8) is fre-
quently observed. It is thought to originate from hydrogen bonding of the tyrosyl
hydroxyl group and/or the proximity of quenchers, such as disulfide bonds in the
folded state [19].

234
Environmental Effects on Tyrosine and Tryptophan Emission

The fluorescence of the exposed aromatic amino acids of a protein depends on the
solvent conditions. Solvent additives that promote the S; — T; transition (such as
acrylamide or iodide) quench the fluorescence, and this effect can be used to mea-
sure the exposure of tryptophan side chains to the solvent [20].

The fluorescence generally decreases with increasing temperature. This decrease
is substantial. To a first approximation, tyrosine and tryptophan emission decrease
>1% per degree increase in temperature [6]. Fluorescence is therefore generally
not suited for following the heat-induced unfolding of a protein.

Denaturants such as GdmCl and urea also influence the fluorescence of tyrosine
and tryptophan. The dependences on the concentration of GdmCIl and urea of tryp-
tophan and tyrosine emission are given in Ref. [6]. As in absorbance experiments
(cf. Section 2.2.1) the emission of the unfolded protein can be represented well by
an appropriate mixture of tyrosine and tryptophan. The dependence of the emis-
sion of this mixture on denaturant concentration is often very useful to determine
the baseline equivalent to the unfolded protein for the quantitative analysis of un-
folding transition curves.



2.3 Fluorescence

Protein fluorescence can also be affected by salts. Charged denaturants, such as
GdmCl, can thus act in a twofold manner: as a denaturant and as a salt. To identify
the salt effect, it is advisable to titrate the protein in control experiments with the
appropriate concentrations of NaCl or KCl. Salt effects of GdmCl are often stron-
gest at low GdmCl concentration and thus they can severely affect the baseline of
the native protein in equilibrium unfolding experiments.

2.3.5
Practical Considerations

Fluorescence is an extremely sensitive technique, so it is essential to avoid contam-
ination of cuvettes and glassware with fluorescing substances. Deionized and
quartz-distilled water should be used and plastic containers should be avoided be-
cause they may leach out fluorescing additives. Also, laboratory detergents usually
contain strongly fluorescing substances. Fluorescing impurities are easily identi-
fied when running buffer controls.

In water, a Raman scattering peak is observed. It originates from the excitation
of an O—H vibrational mode of the H,O molecule, and thus it is present in all
aqueous solvents. The Raman peak of water is weak and occurs at a constant fre-
quency difference, not at a constant wavelength difference from the exciting light.
The position of the Raman peak as a function of the excitation wavelength can be
found in Ref. [6]. After excitation at 280 nm the Raman peak occurs at 310 nm,
and therefore it overlaps with the emission spectra of the aromatic amino acids,
in particular with tyrosine emission. The Raman peak of the solvent should always
be measured separately and subtracted from the measured spectra.

As in absorption spectroscopy impurities and dust particles should be avoided as
much as possible and transparent buffers and solvents should be used (cf. Section
2.2). A single dust particle moving slowly through the light beam can cause severe
distortions of the fluorescence signal. Continuous stirring during the fluorescence
measurement is strongly recommended. Stirring keeps dust particles in rapid mo-
tion and thereby minimizes their distorting effect on the signal. In addition it con-
tinually transports new protein molecules into the small volume of the cell that is
illuminated by the excitation light beam and thereby averages-out photochemical
decomposition reactions over the entire sample. Stirring also improves the thermal
equilibration in the cuvette, which is important, regarding the strong temperature
dependence of fluorescence.

Fluorescence increases with fluorophore concentration in a linear fashion only
at very low concentration. Nonlinearity at higher concentration is caused by inner-
filter effects. The exciting light is attenuated by the absorption of the protein and of
the solvent. The extent of this attenuation depends on the absorbance of the sam-
ple at the wavelength of excitation, and therefore it can be varied by a shift in the
excitation wavelength. Further attenuation originates from reabsorption of fluores-
cent light by protein and solvent molecules. This effect is usually small, because
the absorption of proteins and solvents beyond 300 nm is almost zero. Inner-filter
effects are negligible when the absorbance of the sample at the excitation wave-
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length is smaller than 0.1 absorbance units. Additional practical advice on how to
measure protein fluorescence is found in Ref. [6].

24
Circular Dichroism

Circular dichroism (CD) is a measure for the optical activity of asymmetric mole-
cules in solution and reflects the unequal absorption of left-handed and right-
handed circularly polarized light. The CD signals of a particular chromophore are
therefore observed in the same spectral region as its absorption bands. A good in-
troduction to the basic principles of CD is provided by Refs [2] and [21].

Proteins show CD bands in two spectral regions. The CD in the far UV (170-
250 nm) originates largely from the dichroic absorbance of the amide bonds, and
therefore this region is usually termed the amide region. The aromatic side chains
also absorb in the far UV and accordingly they also contribute to the CD in this re-
gion. These contributions may dominate the spectra of proteins that show a weak
amide CD and/or a high content of aromatic residues. The CD bands in the near
UV (250-300 nm) originate from the aromatic amino acids and from small contri-
butions of disulfide bonds. Figure 2.9 shows the CD spectra of pancreatic ribonu-
clease for the native and the denaturant-unfolded forms.

The two spectral regions give different kinds of information about protein struc-
ture. The CD in the amide region reports on the backbone (i.e., the secondary)
structure of a protein and is used to characterize the secondary structure and
changes therein. In particular the a-helix displays a strong and characteristic CD
spectrum in the far-UV region. The contributions of the other elements of second-
ary structure are less well defined. The content of the different secondary struc-
tures in a protein can be calculated from its CD spectrum in the amide regions.
Methods for these calculations are found in Ref. [22].

The aromatic residues have planar chromophores and are intrinsically symmet-
ric. When they are mobile, such as in short peptides or in unfolded proteins, their
CD is almost zero. In the presence of ordered structure, such as in a folded pro-
tein, the environment of the aromatic side chains becomes asymmetric, and there-
fore they show CD bands in the near UV. The signs and the magnitudes of the
aromatic CD bands cannot be calculated; they depend on the immediate struc-
tural and electronic environment of the immobilized chromophores. Therefore the
individual peaks in the complex near-UV CD spectrum of proteins usually cannot
be assigned to specific amino acid side chains. However, the near-UV CD spectrum
represents a highly sensitive criterion for the native state of a protein. It can thus
be used as a fingerprint of the correctly folded conformation.

2.4.1
CD Spectra of Native and Unfolded Proteins

Figure 2.10 shows representative spectra in the far-UV region for all-helical (a), for
all-p (b), and for unstructured proteins (c). Helical proteins show rather strong CD



2.4 Circular Dichroism | 39

a
—_ 0
o
L1
o
£
o
o -100
£
v
@
@
o
@ 200!
el '
—_ |
@ i
)
L L 1 1 1
250 275 300 325
A(nm)

18] (degree-cm2.dmol-1)
o
g

-10 000 .
Il Il Il 1
200 210 220 230 240 250
A (nm)

Fig. 29. CD spectra of pancreatic was in the same buffer plus 6.0 M GdmCl.
ribonuclease (from red deer) at 10 °C in the a) CD in the aromatic region. The protein
native (——) and in the unfolded state (------- ). concentration was 78 pM in a T-cm cell.
The native protein was in 0.1 M sodium b) CD in the peptide region. 28 uM protein in

cacodylate/HCI, pH 6.0, the unfolded protein ~ a 0.1-cm cell. The figure is taken from Ref. [6].

bands with minima near 222 and 208 nm and a maximum near 195 nm. f§ pro-
teins show weaker and more dissimilar spectra. The shape of the CD spectrum of
a f protein depends, among other factors, on the length and orientation of the
strands and on the twist of the sheet. Most spectra show, however, a positive ellip-
ticity between 190 and 200 nm. In proteins with helices and sheets usually the
helical contributions dominate the CD spectrum. Unordered proteins and peptides
show weak CD signals above 210 nm, but a pronounced minimum between 195
and 200 nm.
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2.4 Circular Dichroism

The strong difference near 195 nm between the CD of folded and unfolded pro-
teins should, in principle, provide an ideal probe for monitoring protein unfolding
transitions. In practice, however, most unfolding reactions are monitored near
220 nm. Wavelengths below 200 nm are almost never used, because most buffers
and virtually all denaturants absorb strongly below 200 nm (Table 2.2), and there-
fore the advantage of having a strong change in signal is more than offset by the
very high background absorbance of the solvent.

The aromatic amino acid side chains absorb not only in the near-UV, but also in
the far-UV region [23]. Accordingly, in native proteins they also contribute to the
CD in the 180-230 nm region, which has traditionally been ascribed to only the
amide bonds in the protein backbone. The aromatic contributions to the far-UV
CD are often modest, and for helical proteins it is usually adequate to neglect
them in the analyses, because the CD of helices is very strong (cf. Figure 2.10,
top). For f proteins with their small and diverse CD signals (cf. Figure 2.10,
middle), the aromatic bands can lead to problems and therefore the contents of
structure as calculated from the CD spectra can be seriously wrong. Carlsson and
coworkers employed a mutational approach to analyze the contributions of the
seven tryptophan residues to the amide CD spectrum of carbonic anhydrase [24].
They found strong contributions of these tryptophan residues to the far-UV spec-
trum of this protein.

2.4.2
Measurement of Circular Dichroism

The difference between the absorbances of right- and left-handed circularly polar-
ized light of a protein sample is extremely small. In the far-UV region it lies in the
range of 107*~10~¢ absorbance units in samples with a total absorbance of about
1.0. This requires that less than 0.1% of the absorbance signal be measured accu-
rately and reproducibly. Therefore highly sensitive instruments are necessary and
careful sample preparation is important.

CD instruments use a high-frequency photoelectric modulator to generate alter-
natively the two circularly polarized light components. This leads to an alternating
current contribution to the photomultiplier signal that is proportional to the CD of
the sample. A detailed description of the principles of CD measurements is found
in Refs [6] and [25].

Since the measured CD is so small, an extremely high stability of the CD signal
is required. In general the instrument should be allowed to warm up for 30-60
min, and the stability of the baseline with and without the cuvette should be
checked regularly.

When CD is measured in the far-UV region particular attention should be paid
to a careful selection of solvents and buffers. The contributions of buffers and salts
to the total absorbance of the sample should be as small as possible. This poses
severe restrictions on the choice of solvents for CD measurements because many
commonly used salts and buffers absorb strongly in the far-UV region. Absorbance
values for several of them are given in Table 2.2. Common denaturants, such as
urea and GdmCl also absorb strongly in the far UV. Therefore they cannot be
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used for CD measurements below 210 nm. Oxygen also absorbs in the far UV, but
precautions such as purging the cell compartment with nitrogen is necessary only
when measurements are performed below 190 nm.

Protein concentration, pathlength and solvent must be carefully selected to ob-
tain good CD spectra and to avoid artifacts. A good signal-to-noise ratio is achieved
when the total absorbance is around 1.0. The magnitude of the CD depends on the
protein concentration and therefore its contribution to the total optical density of
the sample should be as high as possible, and the absorbance of the solvent should
be as small as possible. Therefore, for measurements in the far-UV region, short
path lengths (0.2-0.01 cm) and increased protein concentrations should be used.
Cells of 0.1 cm are usually sufficient for measurements down to about 200 nm.
When preparing samples for CD measurements it should be remembered that pro-
tein absorbance is about tenfold higher in the far UV when compared with the
aromatic region. Artifacts can arise easily from an excessive absorbance of the sam-
ple or from light scattering caused by protein aggregates in the sample. Whenever
the optical density of the sample becomes too high, the instrument cannot discrim-
inate properly between the right and the left circularly polarized light components,
and the CD signal decreases in size. This phenomenon, called absorption flatten-
ing, is a serious problem below 200 nm. It is good practice to ascertain that the
measured CD is linearly related with path length and protein concentration.

243
Evaluation of CD Data

CD is recorded either as the difference in absorbance of right- and left-handed cir-
cularly polarized light, AA = A| — Ay or as ellipticity, @, in degrees. Data in both
formats can be converted to the molar values, i.e., to the differential molar circular
dichroic extinction coefficient, A¢ = ¢ — g and to the molar ellipticity, [@]. A¢ and
[@] are interrelated by Eq. (3).

[©] = 3300 x Az (3)

It should be noted that the concentration standards are different for [@] and Ae. A¢
is the differential absorbance of a 1 mol L™! solution in a 1-cm cell, whereas [@] is
the rotation in degrees of a 1 dmol cm ™ solution and a path length of 1 cm.

CD of proteins in the amide region is usually given as mean residue ellipticity,
[®]\1rw> Which is based on the concentration of the sum of the amino acids in the
protein solution under investigation. The concentration of residues is obtained
by multiplying the molar protein concentration with the number of amino acids.
For data in the aromatic region, different units are used in the literature. Fre-
quently, aromatic CD is given as A¢, but [©], based on the protein concentration,
and [O],,zw- based on the residue concentration are also found.

The molar ellipticity, [©], or the residue ellipticity, [®],zy, are calculated from
the measured O (in degrees) by using Eqs (4) or (5):
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where © is the measured ellipticity in degrees, ¢ is the protein concentration
in mg mL™!, I is the pathlength in cm, and M, is the protein molecular weight.
Ny is the number of amino acids per protein. [®] and [®],zy have the units
degrees x cm? x dmol~!. The factor 100 in Eqs (4) and (5) originates from the con-
version of the molar concentration to the dmol cm™3 concentration unit.

The relation between [®] and Ae¢, given in Eq. (3) allows an immediate trans-
formation of raw ©® data into AA values and vice versa by the relationship:
® = 33(A; — AR). This implies that a measured ellipticity of 10 millidegrees is
equivalent to a AA of only 0.0003 absorbance units. Practical aspects of how to
measure and analyze CD spectra are discussed in detail in Ref. [6].

The analysis of CD spectra is often used to determine the secondary structure of
folded proteins or of folding intermediates. References to computer programs and

critical evaluations of the methods can be found in Ref. [22].
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3
Denaturation of Proteins by Urea and
Guanidine Hydrochloride

C. Nick Pace, Gerald R. Grimsley, and J. Martin Scholtz

3.1
Historical Perspective

The ability of urea to denature proteins has been known since 1900 [1]. Urea is
also effective in denaturing more complex biological systems: “A dead frog placed
in saturated urea solution becomes translucent and falls to pieces in a few hours”
[2]. (It was not reported if frog denaturation is reversible!) The even greater effec-
tiveness of guanidine hydrochloride (guanidinium chloride (GdmCl)) as a protein
denaturant was first reported in 1938 by Greenstein [3]. In this chapter we discuss
why urea and GdmCl have proven to be so useful to protein chemists and summa-
rize what we have learned over the past 100 years.

Tanford [4] was the first to study quantitatively the unfolding of proteins by urea.
The diagram in Figure 3.1 is from Tanford’s paper; it shows that when a protein
unfolds many nonpolar side chains and peptide groups that were buried in the
folded protein are exposed to solvent in the unfolded state. Figure 3.1 also gives
the measured values of the free energy of transfer, AGy, of a leucine side chain
and a peptide group from water to the solvents shown. Note that AG,, of both are
negative in the presence of urea and GdmCl. This is true of almost all the constit-
uent groups of a protein, and explains why urea and GdmCl denature proteins,
and why GdmCl is a stronger denaturant than urea. It is also clear why both folded
and unfolded proteins are generally more soluble in urea and GdmCI solutions
than they are in water. Most of this chapter will focus on urea denaturation, how-
ever GdmCI denaturation will be discussed where appropriate.

3.2
How Urea Denatures Proteins

Urea is remarkably soluble, 10.5 M, in water at 25 °C. Experimental [5-7] and the-
oretical studies [8-11] have improved our understanding of urea solutions and
how urea and water interact with peptide groups and nonpolar side chains. Based
on neutron diffraction studies, Soper et al. [S] show that urea incorporates readily

Protein Folding Handbook. Part 1. Edited by J. Buchner and T. Kiefhaber
Copyright © 2005 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim
ISBN: 3-527-30784-2

45



46

3 Denaturation of Proteins by Urea and Guanidine Hydrochloride

AGy,(HO -> Solvent) (cal/mol)
Solvent Peptide eroup Leu side chain

Urea (2 M) -70 -110
GdnHCI (2 M) -135 -210
Ethanol (40%) +270 -375
Glycerol (20%) +55 +16

Sucrose (2 M) +52 +74
Sarcosine (2 M)  +89 +77

TMAO (2 M) +177 +18
Fig. 3.1. Schematic from Tanford [4] to solvent and the open symbols represent
illustrating the changes in accessibility of groups that are not accessible to solvent. See
peptide groups (rectangles) and side chains Wang and Bolen [88] for osmolyte, and Pace
(circles) on protein unfolding. The closed et al. [56] for denaturant, AGy, values.

symbols represent groups that are accessible

into water through hydrogen bonding and there is great similarity in the spatial
distribution of water around water, urea around water, urea around urea, and water
around urea. They estimate that each urea forms ~5.7 hydrogen bonds. In addi-
tion, urea hydrogen bonds with itself, forming chains and clusters in water. (Using
a similar approach, Mason et al. [12] show that the Gdm ion has no recognizable
hydration shell and is one of the most weakly hydrated cations yet characterized.
The Gdm ion can form only three undistorted hydrogen bonds with water.) Urea
is nearly three times larger than water, and can form more hydrogen bonds. This
may account for the favorable AGy, for the transfer of peptide groups from water to
urea solutions. This question is considered experimentally and theoretically in Zou
et al. [7].

Why AGy values are favorable for the transfer of nonpolar side chains from
water to urea solutions was more difficult to explain. Muller [13] suggested that
urea molecules replace some of the water molecules in the hydration shell formed
around nonpolar solutes, and this changes the hydrogen bonding and van der
Waals interactions in such a way as to increase the solubility of the nonpolar sol-
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ute. This idea is supported by the experimental results of Soper et al. [5], and by
the theoretical calculations of Laidig and Daggett [14].

In the absence of denaturant, Timasheft states [15]: “The fact is that there is no
rigid shell of water around a protein molecule, but rather there is a fluctuating
cloud of water molecules that are thermodynamically affected more or less strongly
by the protein molecule.” Crystallographers are able to see some water molecules
that are bound tightly enough to be observed, but the fact that no water molecules
are observed near many polar groups shows that they do not see them all [16].
When crystal structures are determined in the presence of urea and GdmCl, some
denaturant molecules are seen bound to the protein, mainly by hydrogen bonds
[17, 18]. These denaturant molecules sometimes link adjacent polar groups on
the protein and reduce the conformational flexibility, as shown by a decrease in
the temperature factors.

There is also experimental evidence that denaturants (and water) reduce the flex-
ibility of the denatured state by transiently linking parts of the protein molecule
through hydrogen bonds to polar groups in the protein [19]. Halle’s group has
used magnetic relaxation dispersion techniques (MRD) to gain a better under-
standing of protein hydration at the molecular level (see Chapter 8). For example,
Modig et al. [6] summarize:

... the urea 2H and water 7O MRD data support a picture of the dena-
tured state where much of the polypeptide chain participates in clusters
that are more compact and more ordered than a random coil but neverthe-
less are penetrated by large numbers of water and urea molecules. These
solvent-penetrated clusters must be sufficiently compact to allow side-
chains from different polypeptide segments to come into hydrophobic
contact, while, at the same time, permitting solvent molecules to interact
favorably with peptide groups and with charged and polar side chains.
The exceptional hydrogen-bonding capacity and small size of water and
urea molecules are likely essential attributes in this regard. In such clusters,
many water and urea molecules will simultaneously interact with more
than one polypeptide segment and their rotational motions will therefore
be more strongly retarded than at the surface of the native protein.

We now have a good understanding of how urea denatures proteins because of
careful studies and thoughtful analyses from the labs of Timasheff [20], Record
[21], and Schellman [22]. If the excluded volume of the protein is taken into ac-
count, the hydrodynamic properties of urea denatured proteins suggest that they
approach a randomly coiled conformation [23]. Consequently, the accessible sur-
face area of the denatured state is considerably greater than that of the native state.
(This is shown clearly in figure 9 in Goldenberg [23].) Studies by Timasheff [20]
and Record [21] have shown that urea binds preferentially to proteins over water,
so the concentration of urea near the protein is greater than the concentration in
the bulk solvent. Thus, as the urea concentration increases, the denatured state will
be favored because it has a much greater surface to interact with the urea (Figure
3.1). Both groups suggest that the dominant contribution is due to preferential
binding of urea (or Gdm ions) to the newly exposed peptide groups [20, 21].
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Schellman [22] has extended his previous studies to show clearly how osmolytes
such as trimethylamine-N-oxide (TMAO) or denaturants such as urea act to stabi-
lize or destabilize proteins. The two key factors are the excluded volumes of the co-
solvents and their contact interactions with the protein. Because the molecules of
interest are all larger than water, the excluded volume effect will always favor the
native state. In contrast, contact interactions will generally favor the denatured
state. For urea, the contact interaction term is greater than the excluded volume ef-
fect, so urea acts as a protein denaturant. For osmolytes, the reverse is true and
osmolytes stabilize proteins. Schellman [24] was the first to show that because the
direct interaction of urea molecules with proteins is so weak, denaturation should
be represented by a solvent exchange mechanism rather than solely by the binding
of the denaturant to the protein molecule. His K,, — 1 term is a measure of the
contact interaction for the average site on a protein. For RNase T1, this term is
0.12 for TMAO, 0.22 for urea, and 0.40 for guanidinium ion. The larger value of
the contact term reflects the greater preferential binding of the Gdm ion compared
to urea, and this is what makes GdmCl a better denaturant than urea [22].

In summary, it is now clear that urea denatures proteins because there is a pref-
erential interaction with urea compared with water, and the denatured state has
more sites for interaction. Consequently, proteins unfold as the urea concentration
is increased.

33
Linear Extrapolation Method

A typical urea denaturation curve is shown in Figure 3.2A. When a protein unfolds
by a two-state mechanism, the equilibrium constant, K, can be calculated from the
experimental data using:

K= [(y)n = WI/I(y) = (¥)o] (1)

where (y) is the observed value of the parameter used to follow unfolding, and
(y)y and (y)p are the values (y) would have for the native state and the denatured
state under the same conditions where (y) was measured. In the original analyses
of urea denaturation curves [25, 26], log K was found to vary linearly as a function
of log [urea] and the slope of the plot was denoted by n, and the midpoint of the
curve by (urea);/, (where log K = 0). These parameters could then be used to cal-
culate the standard free energy of denaturation

AG° = —RTIn K )
and its dependence on urea concentration using [4]:
d(AG®)/d(urea) = RTn/(urea); , (3)

This equation was used by Alexander and Pace [25] to estimate the differences in
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Fig. 3.2. A) Urea denaturation curve for
RNase Sa determined at 25 °C, pH 5.0, 30 mM
sodium acetate buffer as described by Pace et
al. [78]. The solid line is based on an analysis
of the data using Eq. (5). B) AG as a function
of urea molarity. The AG values were

calculated from the data in the transition
region as described in the text. The AG(H,0)
and m-values can be determined by fitting the
data in B to Eq. (4), or by analyzing the data in
A with Eq. (5).

stability among three genetic variants of a protein for the first time, and was the
forerunner of the linear extrapolation method.

The linear extrapolation method (LEM) was first used to analyze urea and
GdnHCI denaturation curves by Greene and Pace [27]. When AG® is calculated as
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a function of urea concentration using data such as those shown in Figure 3.24,
AG® is found to vary linearly with urea concentration as shown in Figure 3.2B.
Based on results such as these for several proteins, this equation was proposed
for analyzing the data:

AG = AG(H;0) — mlurea] (4)

where AG(H;0) is an estimate of the conformational stability of a protein that as-
sumes that the linear dependence continues to 0 M denaturant, and m is a mea-
sure of the dependence of AG on urea concentration, i.e., the slope of the plot
shown in Figure 3.2B. The same approach has recently been used for measuring
the stability of RNA molecules [28].

In the early days, (y)y and (y)p, were obtained by extrapolating the pre- and post-
transition baselines into the transition region, and then using Eq. (1) to calculate K
and then AG°. However, Santoro and Bolen [29] had a better idea and proposed
that nonlinear least squares be used to directly fit data such as those shown in Fig-
ure 3.2A. With their approach, six parameters are used to fit the data: a slope and
an intercept for the pretransition and posttransition regions, which are generally
linear, and AG(H;0) and m for the transition region, leading to

y = {(yr + mg[urea]) + (yu + my[urea]) - exp — ((AG(H;0) — m - [urea])/RT)}
/(1+ exp — (AG(H;0) — m - [urea])/RT)) (5)

where yr and yy are the intercepts and mg and my the slopes of the pre- and post-
transition baselines, and AG(H;0) and m are defined by Eq. (4).

The linear extrapolation method is now widely used for estimating the con-
formational stability of proteins and for measuring the difference in stability be-
tween proteins differing slightly in structure. (The original how-to-do-it paper on
solvent denaturation [30] has been cited over 1200 times.) In addition, the m-value
has taken on a life of its own [31]. These topics will be discussed further below.

3.4
AG(H,0)

The conformational stability of RNase Sa at 25 °C and pH 5 is ~7.0 kcal mol~!.
This corresponds to one unfolded molecule for each 135000 folded molecules
(K = 7.4 x 107°). To study the equilibrium between the folded and unfolded con-
formations by conventional techniques requires destabilizing the protein so that
both conformations are present at measurable concentrations. With urea denatura-
tion this is done by increasing the urea concentration. It is clear from Figure 3.2A
that the unfolding equilibrium can be studied only near 7 M urea, and that a long
extrapolation is needed to estimate AG® in the absence of urea, AG(H,0). The
same is true for thermal denaturation. The unfolding equilibrium can be studied
only near 55 °C (Figure 3.3A). Thermal denaturation curves can be analyzed to ob-
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Fig. 3.3. A) Thermal denaturation curve for AG values were calculated from data in the
RNase Sa determined at pH 5.0 in 30 mM transition region as described in the text, and
sodium acetate buffer as described [78]. The the data were analyzed to determine T,, and
solid line is based on a nonlinear least squares AHp, as described [78]. The AC,, value is from
analysis of the data similar to that described Pace et al. [78]. The AG(25 °C) value (filled
for Eq. (5), but for thermal denaturation curves circle) was calculated using Eq. (6) which is
[78]. B) AG as a function of temperature. The  also shown in B.
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tain the midpoint of the thermal denaturation curve, Ty,, and the enthalpy change
at Ty, AHp,. These two parameters plus the heat capacity change for folding, ACy,
can then be used in the Gibbs-Helmbholtz equation [32]:

AG(T) = AHpn(1 — T/Twm) + ACy[T — Toy — T In(T/Try)] (6)

to calculate AG at any temperature T, AG(T). The temperature dependence of AG
and the value of AG(25 °C) for the denaturation of RNase Sa are shown in Figure
3.3B. Note that the value of AG(25 °C) from the thermal denaturation experiment
agrees with the AG(H,0) value from the urea denaturation experiments within ex-
perimental error, which is about +0.3 kcal mol~! (see Eftink and Ionescu [33] for
an excellent discussion of the problems most frequently encountered in analyzing
solvent and thermal denaturation curves).

Previously, we used RNase T1 to show that estimates of AG(T) based on DSC
experiments were in good agreement with estimates of AG(H,0O) from urea dena-
turation [34, 35]. In a more recent study using RNase A, we compared AG(T)
values from DSC determined in Makhatadze’s laboratory with AG(H;O) values
determined using urea denaturation and the LEM [36] in our laboratory. The agree-
ment is remarkably good (Table 3.1). Most recently, we have compared conforma-
tional stabilities estimated from hydrogen exchange rates measured under native
state conditions with those from thermal or solvent denaturation [37]. Again, the
conformational stabilities are in good agreement.

There is considerable experimental evidence that proteins are more extensively
unfolded in solutions of urea than they are in water (see, for example, Qu et al.

Tab. 3.1.  Comparison of AG(T) values from DSC with AG(H;O) values from UDC.

pH T(Q Tw (1C) AH, AG(T)e AG(H,0)"
(keal mol~") (keal mol~") (keal mol~")
2.8 17.1 44.9 79.4 5.5 5.4
2.8 21.1 449 79.4 49 4.9
2.8 249 449 79.4 4.3 4.3
2.8 27.8 44.9 79.4 3.7 3.5
2.8 25.0 449 79.4 4.5 4.3
3.0 25.0 49.1 82.7 5.1 5.2
3.55 25.0 54.5 91.5 6.7 6.4
4.0 25.0 56.1 94.2 7.2 7.3
5.0 25.0 58.6 99.1 8.1 7.9
6.0 25.0 60.3 100.7 8.5 8.6
7.0 25.0 61.8 102.3 8.9 9.1

2The Ty, AHp, and AC}, = 1.15 kcal mol™" K™ values are from Pace
et al. [36]. They were used in Eq. (6) to calculate the AG(T) values.
>The first four AG(H,0) values are from Pace and Laurents [39], and
the last five AG(H,O) values are interpolated from figure 6 in Pace et
al. [56].
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ellipticity at 222 nm and converted to fraction  triangle), 3.5 M (filled square), and 4 M (open
folded, fr. The error on any single point is square). From Nicholson and Scholtz [41].

[38]). Thus, it is surprising that conformational stabilities determined under condi-
tions where the denatured state ensembles differ would be the same. This suggests
that the denatured state ensemble that exists under physiological conditions is
thermodynamically equivalent to the ensembles that exist after thermal or urea de-
naturation, even though they do not appear to be structurally equivalent. This is
supported by studies where both thermal and urea induced unfolding are used to
study the conformational stability of a protein.

This approach had its beginnings in a study that showed that results from ther-
mal and urea denaturation could be combined to get a reasonable estimate of AC,
[39]. The method was then extended to characterize the stability of the HPr pro-
teins from Bacillus subtilis [40] and Escherichia coli [41] as a function of both urea
concentration and temperature. Some typical results are shown in Figure 3.4. More
recently, Felitsky and Record [42] used this approach to characterize the stability of
the Lac repressor DNA-binding domain in the most detailed study of the stability
of a protein yet published. A related approach has been described by Ibarra-Molera
and Sanchez-Ruiz [43].

The excellent agreement between conformational stabilities based on DSC re-
sults and the LEM suggests that the LEM is a reliable method for estimating the
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conformational stability of a protein. The Record group has developed an approach
for analyzing the results of urea and GdmCl denaturation studies in terms of
preferential interaction coefficients that is firmly based on thermodynamics. This
method is called the local-bulk domain model and they show that this analysis
“justifies the use of linear extrapolation to estimate (< 5% error) the stability of
the native protein in the absence of a denaturation” [21]. The history of this area
is summarized in a delightful review titled: “Fifty years of solvent denaturation”
by Schellman [44].

Two other methods have been used to analyze urea denaturation curves. They
both give estimates of AG(H,O) that are larger than those based on the LEM. The
differences are not large with urea, but they are with GdmCl. One is an extrapola-
tion based on Tanford’s model [4] that is discussed in the next section. This
method uses AGy, values for transfer of the constituent groups of a protein from
water to urea solutions. Unfortunately, there is uncertainty in the AGy, value to use
for a peptide group [38], and this introduces uncertainty into the AG(H;0) values
obtained by this method [45]. Experiments are underway to determine a more reli-
able value of AGy, for a peptide group [7] (Auton and Bolen, personal communica-
tion). Makhatadze [46] has shown that the data on which this method is based are
consistent with the LEM when urea but not GdnHCI is used as the denaturant.

The other method that can be used to determine AG(H;0) is the denaturant
binding model first used by Aune and Tanford [47]. The plots of log K vs. log
[urea] mentioned above show that more urea molecules are bound by the dena-
tured state than by the native state. Also, urea increases the solubility of all of the
constituent parts of a protein, and it is possible to account for the enhanced solu-
bility in terms of urea binding, even for leucine side chains (see table XI in Tanford
[48]). Thus, it might seem reasonable to try to analyze urea denaturation curves in
terms of the denaturant binding model. Generally, all of the urea binding sites are
considered identical and independent and K = 0.1 is used for the binding constant
[30]. However, this is surely not stoichiometric binding and it is unlikely that the
binding sites are identical and independent. The enhanced solubility of the model
compound data requires “binding constants” in the range 0.05-0.3 [46, 48, 49].
Schellman has shown convincingly that a solvent exchange model is more reason-
able than a stoichiometric binding model, and this model is consistent with the
LEM. (Schellman’s recent article [22] gives references to his earlier work. It is also
reviewed in Timasheft’s paper [50].)

At first it was puzzling that the LEM worked so well. It seemed likely that there
would sometimes be binding sites for urea molecules on folded proteins of at least
moderate affinity and this would lead to nonlinearity that would cause the LEM to
give erroneous results. Apparently, this rarely occurs. Our understanding of how
urea denatures proteins has improved, thanks to the approaches of Timasheff
[20], Record [21], and Schellman [22], which all show now why the LEM method
works as well as it does.

AG(H;0) values from GdmCl denaturation studies are less reliable, as pointed
out most recently by Makhatadze [46]. This conclusion was reached earlier by
Schellman and Gassner [51] who said:
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Finally this study as well as a number of others indicates that urea has a
number of advantages over guanidinium chloride as far as thermodynamic
interactions are concerned. The free energy and enthalpy functions of both
proteins and model compounds are more linear; the solutions more ideal;
extrapolations to zero concentration are more certain; and least-squares
analysis of the data is more stable.

One problem is that the ionic strength cannot be controlled with GdmCl, and this
has been shown to affect the results in several studies (see, for example, Ibarra-
Molero et al. [52], Monera et al. [53], Santoro and Bolen [54]).

In summary, the agreement between AG(T) values from DSC and thermal dena-
turation studies and AG(H,0) values from urea denaturation studies analyzed by
the LEM suggests that either method can be used to reliably measure the confor-
mational stability of a protein. In addition, we now have a good understanding of
why the LEM works so well.

35
m-Values

The thermodynamic cycle in Figure 3.5 shows that the dependence of AG on dena-
turant concentration is determined by the groups in a protein that are exposed to
solvent in the denatured state, D, but not in the native state, N*. In support of this,
Myers et al. [55] showed that there is a good correlation between m-values and the
change in accessible surface area on unfolding. Since Agy ; values are available for

AG (H0)

N in Water «——— D in Water

AG(N) AG(D)

Nin Urea 4——— Din Urea
AG

AG + AG(N) = AG (H0) + AG(D)

AG - AG (H,0) = AG (D) -AG(N) = En0Ag 5

AG = AG (H20} + ZniaiAgtr,i

AG = AG (H0) + (A)En;Agy,
Fig. 3.5. A thermodynamic cycle connecting  exposed in D but not N, and Agy ; is the free
protein folding in water and urea. N and D energy of transfer of groups of type i from
denote the native and denatured states, AG water to a given concentration of urea. Aa is
and AG(H,O) are defined by Eq. (4), n; is the  the average change in exposure of all of the

total number of groups of type i in the protein, peptide groups and uncharged side chains in
w; is fraction of groups of type i that are the protein [56].
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most of the constituent groups in a protein, the equation at the bottom of Figure
3.5 can be used to calculate the dependence of AG on denaturant concentration.
The m-value is an experimental measure of the dependence of AG on denaturant
concentration. Consequently, for proteins that unfold by a two-state mechanism,
Ao can be estimated by comparing the calculated and measured m-values. Thus,
Ao is the fraction of buried groups that must become exposed to solvent on unfold-
ing to account for the measured m-value [56]. In the original LEM paper [27], this
approach was used to estimate Ax for four proteins. It was clear that differences
among the Ao values for individual proteins revealed differences in the accessibility
of the denatured state and that these differences depended to some extent on the
number and location of the disulfide bonds in the protein.

Interest in m-values was stimulated by a series of papers from the Shortle labo-
ratory [57, 58]. (A review of these studies was titled: “Staphylococcal nuclease:
a showcase of m-value effects.” [31].) Their studies of mutants of staphylococcal
nuclease (SNase) showed a wide range of m-values. Those with m-values 5% or
more greater than wild type were designated m™ mutants (x 25%) and those with
m-values 5% or more less than wild type were designated m~ mutants (x 50%).
Their interpretation was that m™ mutants unfolded to a greater extent than wild
type and vice versa for m~ mutants. These papers were extremely important be-
cause they focused attention on the denatured state which had largely been ignored
in discussions of protein stability. (Another review from the Shortle lab [58] was
titled: “The denatured state (the other half of the folding equation) and its role in
protein stability.””) However, this interpretation is only straightforward if all of the
mutants unfold by a two-state mechanism. Shortle and Meeker [57] chose to as-
sume a two-state mechanism to analyze their results even though the m~ mutants
did not appear to unfold by a two-state mechanism. It is now clear that some of the
m~ mutants unfold by a three-state mechanism [59-62]. The presence of an inter-
mediate state will generally lower the m-value [63]. One important consequence of
this is that the estimates of AG(H,0O) will be too low when a two-state mechanism
is assumed and the mechanism is, in fact, three-state. In the case of the m~
mutant V66L + G88V + G79S, a two-state analysis indicates that this mutant is
3.0 kcal mol~! LESS stable than wild type [57], but a three-state analysis indicates
that that this mutant is 0.8 kcal mol™" MORE stable than wild type [60]. This is
also true for other m~ mutants [64]. This means that the A(AG) values for the m~
mutants are not correct. Since 50% of the SNase mutants are m~, this calls into
question the interpretation of many of the A(AG) values determined for SNase.

In Table 3.2, we have compiled m and A« values for a selection of proteins. In all
cases, the folding of the proteins is thought to closely approach a two-state mecha-
nism. The value of A« expected for unfolding a protein depends on the model as-
sumed for the denatured state. If the accessibility of the denatured state is modeled
as a tripeptide using the Lee and Richards [65] approach, a value of Ao & 0.7 would
be expected. However, if a compact denatured state based on fragments with
native-state conformations is assumed, a Ao~ 0.53 would be expected [66]. Note
in Table 3.2 that most of the Ao values are considerably less than 0.53. This sug-
gests that the urea-denatured states of proteins are less completely unfolded than
in the hypothetical state that Creamer et al. [66] thought might be a lower limit for
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Tab. 3.2. Change in accessibility (Ax) for urea denaturation calculated from the measured
m-values using Tanford’s model2.

Protein Residues Disulfides (Urea); /2 m Aa

RNase Sa (0K) (pH 7) 96 1 6.44 0.99 0.32
RNase Sa (0K) (pH 3)P 9 1 1.48 1.75 0.41
RNase Sa (3K) (pH 7)° 9 1 4.07 0.99 0.29
RNase Sa (3K) (pH 3)P 9 1 1.47 2.00 0.46
RNase Sa (5K) (pH 7)° 96 1 5.31 1.14 0.36
RNase Sa (5K) (pH 3)° 96 1 1.30 221 0.50
RNase T1¢ 104 2 5.30 1.21 0.32
RNase Ad 124 4 6.98 1.40 0.35
Lysozyme (Hen)< 129 4 6.80 1.29 0.29
SH3 domain® 62 0 3.74 0.77 0.34
Calbindin® 75 0 5.30 1.13 0.51
HPr (E. coli) 88 0 432 1.14 0.45
Acyl phosphatase’ 99 0 4.54 1.25 0.39
A Repressor® 102 0 4.42 1.09 0.38
RNase T14 104 0 3.34 1.64 0.38
FKBP¢ 107 0 4.18 1.46 0.42
Thioredoxin® 108 0 6.70 1.30 0.26
Barnase® 110 0 4.49 1.94 0.50
Che Y© 129 0 3.51 1.60 0.36
FABP¢ 131 0 5.43 1.77 0.40
SNase& 149 0 2.56 2.36 0.44
ApoMbh 153 0 2.05 2.49 0.47
RNase H¢ 155 0 3.88 1.93 0.35
DHER (E. coli)< 159 0 3.10 1.90 0.32
T4 Lysozyme®© 163 0 6.30 2.00 0.38

aTanford’s model is described in Tanford [4] and the details of the
approach used to calculate A« are given in Pace et al. [56]. (Urea);
values are given in M; m values are given in kcal mol ™' M.

bThe (urea); /, and m-values are from Shaw [82].

¢The original reference for these proteins is given in Myers et al. [55].
dSee Pace et al. [56].

¢See Nicholson and Scholtz [41].

See Taddei et al. [83].

gSee Shortle [31].

hSee Hughson and Baldwin [84].

the compactness of the denatured state at the midpoint of a thermal denaturation
curve in water. However, because of uncertainty in the AG, value for a peptide
group and for some of the side chains, interpreting the absolute values of Ao is
hazardous. In contrast, differences among the Ax values for individual proteins or
for the same protein under different conditions are more trustworthy.

For the proteins without disulfide bonds, the A« values in Table 3.2 range from a
low of 0.26 for thioredoxin to a high of 0.51 for calbindin. Thus, if these proteins
unfold by a two-state mechanism, calbindin unfolds to a much greater extent than
thioredoxin. Barnase also unfolds more completely than most of the other proteins
in Table 3.2. In support of this, we have shown that the tryptophan and tyrosine
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side chains of urea-denatured barnase are more accessible to a perturbant than
those of several other proteins that have lower A« values [67]. The results in Table
3.2 suggest that urea-denatured proteins are not completely unfolded and that they
unfold to different extents.

We were surprised to find that for RNases A and T1 [56] and barnase [67], the m-
value increases markedly as the pH is lowered from 7 to 3. This indicates that the
denatured states interact more extensively with urea as the pH is lowered, and we
suggested that the denatured state ensemble expands at low pH due to electrostatic
repulsion among the positive charges. In support of this interpretation, Privalov et
al. [68] have shown that the intrinsic viscosity of unfolded proteins increases at low
pH. We have recently obtained results with RNase Sa that provide further support
for this idea [69].

RNase Sa is an acidic protein with a pl = 3.5 that contains no lysine residues.
We have prepared a triple mutant that we call 3K (D1K, D17K, E41K) with a
pl = 6.4, and a quintuple mutant that we call 5K (D1K, D17K, D25K, E41K,
E74K) with a pI = 10.2. At pH 3, the estimated net charges are +8 for wild-type
RNase Sa, 411 for 3K, and +13 for 5K. The m-values for the three proteins at pH
7 and pH 3 are given in Table 3.2. For all three proteins, the m-value is consider-
ably greater at pH 3 than at pH 7, and the Ax values increase from 0.32 for wild-
type RNase Sa to 0.36 for 3K to 0.50 for 5K. This is consistent with an increase
in accessibility to denaturant caused by an expansion of the denatured state due
to electrostatic repulsion among the positive charges. As the pH increases from 3
to 7, the carboxyl groups are titrated and both negative and positive charges are
present. Now attractive charge—charge interactions are possible, and the decrease
in the m-values suggests that the denatured state ensemble is more compact be-
cause of attractive Coulombic interactions. In support of this, the Ao value at pH
7 is lowest for 3K where the number of positive and negative charges is almost
equal that for wild-type RNase Sa, which has an excess of negative charges, or 5K,
which has an excess of positive charges. This and other evidence led us to conclude
that long-range electrostatic interactions are important in determining the dena-
tured state ensemble [69].

We suggest that when the hydrophobic and hydrogen bonding interactions that
stabilize the folded state are disrupted, the unfolded polypeptide chain rearranges
to compact conformations that improve long-range electrostatic interactions. These
charge—charge interactions in the denatured state will reduce the net contribution
of electrostatic interactions to protein stability but will help determine the dena-
tured state ensemble. If this idea is correct, then long-range charge—charge in-
teractions in the denatured state may play an important role in the mechanism of
protein folding.

3.6
Concluding Remarks

Protein denaturants are used for a variety of purposes by protein chemists when
they need to solubilize or denature proteins. Urea and GdmCl are the denaurants
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most often used. The LEM has proven to be a reliable method for measuring
the conformational stability of a protein or the difference in stability between two
proteins that differ slightly in structure. In addition, studies of the m-values of pro-
teins, especially SNase, have focused attention on the denatured state and we are
slowly gaining a better understanding of the denatured state ensemble.

3.7
Experimental Protocols

3.7.1
How to Choose the Best Denaturant for your Study

Both urea and GdmCl will increase the solubility of the folded and unfolded states
of a protein. If the denaturant is just going to be used to increase the solubility or
unfold your protein of interest, GAmCI is preferred since it is a more potent dena-
turant and is chemically stable. Guanidinium thiocyanate is an even more potent
denaturant than GdmCl and can be used for the same purposes. (The reason for
the greater potency is discussed in Mason et al. [12].)

For quantitative studies of protein stability, we previously preferred results from
urea and GdmCl unfolding over thermal unfolding studies for several reasons: the
product of unfolding seemed to be better characterized, unfolding was more likely
to closely approach a two-state mechanism, and unfolding was more likely to be
completely reversible. However, in the cases that have been carefully investigated,
the two techniques seem to give estimates of AG(H;O) that are in good agreement
[36, 70]. After getting the equipment set up and learning the procedures, either
type of unfolding curve can be determined and analyzed in a single day. Conse-
quently, the safest course is to determine both types of unfolding curves whenever
possible. Also, we generally prefer urea over GdmCI because salt effects can be in-
vestigated, and sometimes reveal interesting information [46, 51, 71, 72].

3.7.2
How to Prepare Denaturant Solutions

Both urea and GdmCI can be purchased commercially in highly purified forms.
However, some lots of these denaturants may contain fluorescent or metallic im-
purities. Methods are available for checking the purity of GdmCI and for recrystal-
lization if necessary [73]. A procedure for purifying urea has also been described
[74]. GdmCI solutions are stable for months, but urea solutions slowly decompose
to form cyanate and ammonium ions in a process accelerated at high pH [75]. The
cyanate ions can react with amino groups on proteins [76]. Consequently, a fresh
urea stock solution should be prepared for each unfolding curve and used within
the day.

Table 3.3 summarizes useful information for preparing urea and GdmCl stock
solutions. We prepare urea stock solutions by weight, and then check the concen-
tration by refractive index measurements using the equation given in Table 3.3.
The preparation of a typical urea stock solution is outlined below. Since GdmCl is
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Tab. 3.3. Information for preparing urea and GdmCl stock solutions.

Property Urea Gdmcl

Molecular weight 60.056 95.533

Solubility (25.0 °C) 10.49 M 8.54 M

d/dy? 1+ 0.2658W + 0.0330W2 1+0.2710W + 0.0330W?2

Molarity? 117.66(AN) + 29.753(AN)* 57.147(AN) + 38.68(AN)?
+185.56(AN)’ —91.60(AN)?

Grams of denaturant per
gram of water to prepare

6M 0.495 1.009
8M 0.755 1.816
100M 1.103 -

2 W is the weight fraction denaturant in the solution, d is the density of
the solution and dy is density of water [85].

b AN is the difference in refractive index between the denaturant
solution and water (or buffer) at the sodium D line. The equation for
urea solutions is based on data from Warren and Gordon [86], and the
equation for GdmCl solutions is from Nozaki [73].

quite hygroscopic, it is more difficult to prepare stock solutions by weight. Conse-
quently, the molarity of GdmCI stock solutions is generally determined from the
refractive index measurement (step 5 below).

Preparation of a urea stock solution This describes the preparation of ~100 mL of
~10 M urea stock solution containing 30 mM MOPS buffer, pH 7.0. We use a top
loading balance with an accuracy of about +0.02 g.

1. Add ~60 g of urea to a tared beaker and weigh (59.91 g). Now add 0.69 g of
MOPS buffer (sodium salt), 1.8 mL of 1 M HCl and ~52 mL of distilled water
and weigh the solution again (114.65 g).

2. Allow the urea to dissolve and check the pH. If necessary, add a weighed
amount of 1 M HCI to adjust to pH 7.0.

3. Prepare 30 mM MOPS buffer, pH 7.0.

4. Determine the refractive index of the urea stock solution (1.4173) and of the
buffer (1.3343). Therefore, AN = 1.4173 — 1.3343 = 0.0830.

5. Calculate the urea molarity from AN using the equation given in Table 3.3:
M = 10.08.

6. Calculate the urea molarity based on the recorded weights. The density is calcu-
lated with the equation given in Table 3.1: weight fraction area (W) =59.91/
114.65 = 0.5226; therefore d/dg = 1.148. Therefore volume = 114.65/1.148 =
99.88 mL. Therefore urea molarity = 59.91/60.056/.09988 = 9.99 M.

3.73
How to Determine Solvent Denaturation Curves

Figure 3.2A shows a typical urea unfolding curve for RNase Sa using CD to follow
unfolding. We will refer to the physical parameter used to follow unfolding as y
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for the following discussion. The curves can be conveniently divided into three
regions: (i) The pretransition region, which shows how y for the folded protein,
yr, depends upon the denaturant. (ii) The transition region, which shows how y
varies as unfolding occurs. (iii) The posttransition region, which shows how y for
the unfolded protein, yy, varies with denaturant. All of these regions are impor-
tant for analyzing unfolding curves. As a minimum, we recommend determining
four points in the pre- and posttransition regions, and five points in the transition
region. Of course, the more points determined the better defined the curve.

With thermodynamic measurements, it is essential that equilibrium is reached
before measurements are made, and that the unfolding reaction is reversible. The
time required to reach equilibrium can vary from seconds to days, depending upon
the protein and the conditions. For example, the unfolding of RNase T1 requires
hours to reach equilibrium at 25 °C, as compared to only minutes for RNase Sa.
For any given protein, the time to reach equilibrium is longest at the midpoint of
the transition and decreases in both the pre- and posttransition regions. To ensure
that equilibrium is reached, y is measured as a function of time to establish the
time required to reach equilibrium.

To test the reversibility of unfolding, allow a solution to reach equilibrium in the
posttransition region and then by dilution return the solution to the pretransition
region and measure y. If the reaction is reversible, the value of y measured after
complete unfolding should be within +5% of that determined directly. For many
proteins, unfolding by urea and GdmCl is completely reversible. We have left
RNase T1 in 6 M GdmClI for over 3 months and found that the protein will refold
completely on dilution.

Proteins containing free sulphydryl groups present special problems. If the pro-
tein contains only free —SH groups and no disulfide bonds, then a reducing agent
such as 10 mM dithiothreitol (DTT) can be added to ensure that no disulfide bonds
form during the experiments. For proteins containing both free ~SH groups and
disulfide bonds, disulfide interchange can occur and this may lead to irreversibility.
Disulfide interchange can be minimized by working at low pH [77].

If the unfolding of the protein of interest requires considerable time to reach
equilibrium, then each point shown in Figure 3.2A will have to be determined
from a separate solution, prepared volumetrically using the best available pipettes.
A fixed volume of protein stock solution is mixed with the appropriate volumes of
buffer, and urea or GdmCI stock solutions. The protein and buffer solutions are
prepared by standard procedures. After the solutions for measurement have been
prepared (see the protocol below), they are incubated until equilibrium is reached
at the temperature chosen for determining the unfolding curve. After the measure-
ments have been completed, it is good practise to measure the pH of the solutions
in the transition region. If the protein equilibrates quickly, as is the case with
RNase Sa, titration methods can be used to determine the denaturation curve.
This was the method used to obtain the curve in Figure 3.2A. This protocol is de-
scribed in detail in Pace [78] and Scholtz [40]. If the amount of protein is limited,
instruments have been developed to follow the unfolding of a protein simultane-
ously with several spectral techniques using a single protein solution [79].
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Tab. 3.4. Experimental results from a urea denaturation curve?.

Urea® (mL) Bufferc (mL) Protein® (mL) Urea® (M) 0334 (mdeg)f
0.298 2.152 0.050 1.2 18
0.795 1.655 0.050 3.2 18
1.193 1.257 0.050 4.8 16
1.267 1.183 0.050 5.1 14
1.342 1.108 0.050 5.4 12
1.392 1.058 0.050 5.6 10
1.466 0.984 0.050 5.9 7
1.542 0.909 0.050 6.2 4
1.615 0.835 0.050 6.5 1
1.690 0.760 0.050 6.8 -2
1.740 0.710 0.050 7.0 —4
1.789 0.661 0.050 7.2 —4
1.839 0.611 0.050 7.4 -5
2.087 0.363 0.050 8.4 -5
2.286 0.164 0.050 9.2 -6

2Only two or three solutions are shown for the pre- and posttransition
regions. In the actual experiment, a total of 32 solutions were prepared
and measured.

»10.06 M urea stock solution (30 mM MOPS, pH 7.0).

€30 mM MOPS buffer, pH 7.0.

45.0 mg mL~! RNase Sa E41H stock solution (30 mM MOPS, pH 7.0).
¢ Urea molarity = 10.06 ((mL urea)/(mL urea + mL protein + mL
buffer)).

fCircular dichroism measurements at 234 nm using an Aviv 62DS
spectropolarimeter.

3.7.3.1 Determining a Urea or GdmC| Denaturation Curve

1. Prepare three solutions: a denaturant stock solution, a protein stock solution

and a buffer solution.

. Prepare the sample solutions volumetrically (e.g., with Rainin EDP2 pipettes) in

clean, dry test tubes. The solutions made to determine a urea unfolding curve
for E41H RNase Sa, along with the resulting CD measurements, are given in
Table 3.4.

. Allow these solutions to equilibrate at the temperature chosen for the experi-

ment until they reach equilibrium. (This is best determined in a separate ex-
periment as described in the text.)

. Measure the experimental parameter being used to follow unfolding on the sol-

utions in order of increasing denaturant concentration. Leave the cuvette in the
spectrophotometer, and do not rinse between samples. Simply remove the old
solution carefully with a pasteur pipette with plastic tubing attached to the tip,
and then add the next sample. Leaving the cuvette in position improves the
quality of the measurements, and the error introduced by the small amount of
old solution is negligible.
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5. Plot these results to determine if any additional points are needed. If so, prepare
the appropriate solutions and make the measurements as described for the orig-
inal solutions.

6. Measure the pH of the solutions in the transition region.

7. Analyze the results as described below.

3.7.3.2 How to Analyze Urea or GAmCI Denaturant Curves

We assume a two-state folding mechanism for the discussion here (this will be cor-
rect for many small globular proteins). Consequently, for any of the points shown
in Figure 3.2A, only the folded and unfolded conformations are present at sig-
nificant concentrations, and fr + fy = 1, where fr and fy represent the fraction
protein present in the folded and unfolded conformations, respectively. Thus, the
observed value of y at any point will be y = yg fr + yu fu, where yg and yy repre-
sent the values of y characteristic of the folded and unfolded states, respectively,
under the conditions where y is being measured. Combining these equations
gives:

fu=(ye—v)/(yr — yu) (A1)

The equilibrium constant, K, and the free energy change, AG, can be calculated
using

K= fu/fr=fu/(1= fu) = (yse = ¥)/(y — yu) (A2)
and
AG = —RTIn K= —RT In[(yr — y)/(y — yu)] (A3)

where R is the gas constant (1.987 cal mol~* K~! or 8.3144 ] K~! mol™!) and T'is
the absolute temperature. Values of yr and yy in the transition region are obtained
by extrapolating from the pre- and posttransition regions in Figure 3.2A. Usually
yr and yy are linear functions of denaturant concentration, and a least-squares
analysis is used to determine the linear expressions for yr and yy.

The calculation of fy, K, and AG from the data in Figure 3.2A is illustrated in
Table 3.5. Values of K can be measured most accurately near the midpoints of
the curves, and the error becomes substantial for values outside the range 0.1-10.
Consequently, we generally only use AG values within the range + 1.5 kcal mol ™.
See Eftink and Ionescu [33] and Allan and Pielak [80] for discussions of the prob-
lems most frequently encountered in analyzing solvent and thermal denaturation
curves.

As discussed above, the simplest method of estimating the conformational sta-
bility in the absence of urea, AG(H;0), is to use the LEM, which typically gives
results such as those shown in Figure 3.2B. We strongly recommend that values
of AG(H,0), m, and [D];/, be given in any study of the unfolding of a protein by
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Tab. 3.5. Analysis of a urea denaturation curve?.

Urea (M) y YF Yu fr fu K AG (keal mol~")
6.26 9.16 12.01 —10.53 0.87 0.13 0.14 1.15
6.51 8.38 12.08 —10.22 0.83 0.17 0.20 0.95
6.76 7.35 12.16 —9.88 0.78 0.22 0.28 0.76
7.01 6.17 12.23 —9.55 0.72 0.28 0.39 0.56
7.26 4.45 12.30 —-9.23 0.64 0.36 0.57 0.33
7.51 2.75 12.38 —8.91 0.55 0.45 0.83 0.11
7.76 1.15 12.45 —8.58 0.46 0.54 1.16 —0.09
8.01 —0.66 12.52 —8.26 0.37 0.63 1.73 —0.33
8.26 —-2.16 12.60 —7.94 0.28 0.72 2.55 —0.56
8.51 —3.14 12.67 —7.61 0.22 0.78 3.53 —0.75
8.75 —3.94 12.74 -7.29 0.17 0.83 4.98 —0.95
9.00 —4.55 12.82 —6.96 0.12 0.88 7.16 —-1.17

aData points were from the transition region of the unfolding curve
shown in Figure 3.2A.

urea or GdmCl. Remember also that if the LEM is used, one can apply Eq. (5) and
use nonlinear least squares [29] to conveniently obtain the unfolding parameters.

3.74
Determining Differences in Stability

It is frequently of interest to determine differences in conformational stability
among proteins that differ slightly in structure. The structural change might be a
single change in amino acid sequence achieved through site-directed mutagenesis,
or a change in the structure of a side chain resulting from chemical modification.
In Table 3.6, we present results from urea unfolding studies of wild-type RNase Sa
and a mutant that differs in amino acid sequence by one residue. Two different
methods of calculating the differences in stability, A(AG), are illustrated.

Tab. 3.6. Determining differences in conformational stability2.

Protein 4G(H,0)*? A(AG)* md (Urea); 2° A(Urea); ;2f A(AG)s
Wildtype  6.09 - 1170 520 - -
RNase Sa

N44 — A 4.12 2.0 1174 3.51 1.69 2.0
RNase Sa

aData from Hebert et al. [87].

bFrom Eq. (4), in kcal mol ™.

¢Difference between the AG(H,0) values in kcal mol .
dFrom Eq. (4), in cal mol™! M1,

¢Midpoint of the urea unfolding curve in M.

{Difference between the (urea); ), values in M.

8From A(urea);/, x 1172 (the average of the two m-values) in
kecal mol .
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The midpoints of urea, (urea); ,, and thermal, Tr,, unfolding curves can be de-
termined quite accurately and do not depend to a great extent on the unfolding
mechanism [30]. In contrast, measures of the steepness of urea unfolding curves,
m, cannot be determined as accurately, and deviations from a two-state folding
mechanism will generally change these values. Consequently, differences in stabil-
ity determined by comparing the AG(H,0) values can have large errors. However,
when comparing completely different proteins or forms of a protein that differ
markedly in stability, no other choice is available. This approach is illustrated by
the first column of A(AG) values in Table 3.6. There is also danger in drawing con-
clusions about the conformational stabilities of unrelated proteins based solely on
the midpoints of their unfolding curves. For example, lysozyme and myoglobin
have similar AG(H,0) values at 25 °C, but a much higher concentration of GdmCl
is needed to denature lysozyme because the m-value is much smaller. Likewise,
lysozyme and cytochrome ¢ are unfolded at about the same temperature, even
though lysozyme has a much larger value of AG(H,0) at 25 °C [81].

A second approach that can be used to determine differences in stability of sin-
gle-site mutants is to take the difference between [D]; /, values and multiply this by
the average of the m-values. This is illustrated by the A(AG) values in the last col-
umn of Table 3.6. The rationale here is that the error in measuring the m-values
should generally be greater than any differences resulting from the effect of small
changes in structure on the m-value. However, substantial differences in m-values
between proteins differing by only one amino acid in sequence have been observed
with some proteins, i.e., SNase, so one must use caution when applying this
method.
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4
Thermal Unfolding of Proteins Studied by
Calorimetry

George |. Makhatadze

4.1
Introduction

Protein folding /unfolding reactions and protein—ligand interactions, like any other
chemical reactions, are accompanied by heat effects. At a constant pressure, these
heat effects are described by the enthalpy of the process. Temperature-induced
changes in the enthalpy of the macroscopic states of a protein are of particular
significance. Temperature and enthalpy are coupled extensive and intensive ther-
modynamic parameters. Thus, the functional relationship between enthalpy and
temperature f = H(T) includes all the thermodynamic information on the macro-
scopic states in the system. This information can be extracted using the formalism
of equilibrium thermodynamics.

The enthalpy H(T) function of the system can be determined experimentally
from the calorimetric measurements of the heat capacity at constant pressure,
Cp(T), of a system over a broad temperature range, as:

0H

0

T
cp(r):< ) and thus H(T):J C,(T)dT + H(T,) (1)
P

To

The heat capacity function of a system, C,(T), is directly measured by differential
scanning calorimetry (DSC), making DSC the method of choice to study the con-
formational stability of biological macromolecules in general and proteins in par-
ticular. To study biological macromolecules the DSC instrumentation must satisfy
a number of requirements, the most important of which is that measurements
must be performed on dilute (< 1 mg mL™1/0.1 weight %) protein solutions to
minimize intermolecular interactions, and must use a small volume because in
most cases only a few milligrams of protein are available. With these requirements
satisfied, the partial heat capacity of a protein in aqueous solution is on the order
of 0.03-0.5%, which is measured on the background of more than 99.5% heat
capacity of solvent. Contemporary DSC instruments [1, 2] are designed to satisfy
these extreme sensitivity, reproducibility, and signal stability requirements (Figure
4.1).

Protein Folding Handbook. Part 1. Edited by J. Buchner and T. Kiefhaber
Copyright © 2005 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim
ISBN: 3-527-30784-2
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PC Control
Fig. 4.1.  Schematic design of the cell (H2) are activated by a feedback loop to
assembly of a contemporary DSC instrument.  equilibrate the difference in temperatures
The matched sample cell (C1) and reference between cells (i.e., to maintain AT; =0 °C).

cell (C2) of the total fill type with inlet capillary Additional heaters (H3) on the inner shield
tubes for filling and cleaning are surrounded by (IS) maintain the temperature difference
inner (IS) and outer (OS) shields. Two main between the cell and the shield AT, =0 °C.
heating elements (H1) on the cells are The feedback loops are controlled by a PC
supplying electrical power for scanning upward board.

in temperature. The auxiliary heating elements

Extreme sensitivity of the instrumentation implies that particular care should be
taken over experimental procedures for sample preparation and routine operation
of DSC [3, 4]. Some essential considerations for setting up a DSC experiment, and
discussion of critical factors are given in Section 4.7. For those interested in collec-
tion of numerical data of thermodynamic parameters such as Gibbs free energy
change, enthalpy change, heat capacity change, transition temperature etc., two
excellent sources of information are Refs [5] and [6].

4.2
Two-state Unfolding

First we consider in details the simplest case — a two-state model of protein unfold-
ing. Some of the more complex cases will be discussed in Section 4.6.
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For a monomolecular two-state process:
K
N<U

the equilibrium constant is defined by the concentrations of protein in the native
and unfolded states at a given temperature:

K(T) = 1 2)

while the fraction of the molecules in the native, Fy, and unfolded, Fy, states is
defined as:

FN(T) :i and FU(T) =

N + [0] )

[N] -+ [U]

Combining Egs (2) and (3), the populations of the native and unfolded states are
defined by the equilibrium constant as:

1 K(T)

:71+K(T) and Fy(T) =——/= (4)

The equilibrium constant of the unfolding reaction, K(T), on the other hand, is re-
lated to the Gibbs energy change upon unfolding as:

B AG(T)
K(T) = exp <— RT ) ()
The Gibbs energy of unfolding, AG(T), is defined as:
AG(T) = AH(T) — T - AS(T) (6)

where AH(T) is the enthalpy change and AS(T) is the entropy changes upon pro-
tein unfolding. The temperature dependence of both parameters is defined by the
heat capacity change upon unfolding, AC;:

~ dAH(T) dAS(T)
=—ar U ar )

AC,

Assuming that AC, is independent of temperature we can write:
AH(T) = AH(T,) + ACy(T — To) (8)

AS(T) = AS(To) + AC, m(%) )
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where AH(Ty) and AS(Ty) are the enthalpy and entropy changes at a reference
temperature Ty. For a two-state process it is convenient to set the reference temper-
ature at which fractions for the native, Fy, and unfolded, Fy, protein are equal.
Correspondingly, at this temperature, which is usually called the transition temper-
ature, Ty, the equilibrium constant is equal to 1 and thus the Gibbs energy is
equal to zero:

AG(Ty) = —RT In K(Tp) = AH(Tsm) — TmAS(Tpm) = 0 (10)

which allows the entropy of unfolding at T;, to be expressed as:

and the entropy function as

AS(T) = AHT(Tm) +ACp - In (TL) (12)

Thus the temperature dependence of the Gibbs energy can be written as:

T —T T

 AH(Ty) + AC, - (T — T) + T AC, 'ln(T> (13)

AG(T) =

m

The importance of Eq. (13) is that if just three parameters, T, AH(Ty), and AC,,
are known, all thermodynamic parameters AH,AS, and AG for the two-state pro-
cess can be calculated for any temperature.

Figure 4.2 shows the temperature dependence of the partial heat capacity,
Cp,pr(T) of a hypothetical protein. It consists of two terms:

Cp,pr(T) = CoP'8(T) + (Cp(T) )™ (14)

where C,P'¢(T) is the so-called progress heat capacity (sometimes also called the
“chemical baseline”) which is defined by the intrinsic heat capacities of protein in
different states, and {(C,(T))>™ is the excess heat capacity which is caused by the
heat absorbed upon protein unfolding. The progress heat capacity for a two-state
unfolding can be defined as:

CII)’rg(T) =Fy-Con(T)+ Fy - Cou(T) (15)

where C, n(T) and Cp, y(T) are the temperature dependencies of the heat capaci-
ties of the native and unfolded states, respectively. It is important to emphasize
that the heat capacity of the unfolded state is higher than that of the native state,
Cp,u > Cp n. Extensive studies of the heat capacities of the native and unfolded



74

4 Thermal Unfolding of Proteins Studied by Calorimetry

40 A

A |

35 4

30 4

25 1

20 A

20

15 4

AHcaI(Tm)

exc
101 <Cp(M>

Heat Capacity (kJ molt K1)

20 30 40 50 60 70 80 90 100
Temperature (°C)

Fig. 4.2. A) Temperature dependence of the is the progress heat capacity (sometimes
partial heat capacity, G, r(T), of a hypothetical also called the “chemical baseline”).
protein that has the following thermodynamic ~ B) The excess heat capacity, (C,(T)>*, is

parameters of unfolding: T, = 65 °C, AH = obtained as a difference between C, ,,/(T) and
250 k) mol™', AG, =5 kj mol™" K™'. G, n(T)  CpP'8(T). The area under {C,(T)>™ is the
and C,, y(T) are the temperature depen- enthalpy of unfolding, and temperature at
dencies of the heat capacities of the native which {C,(T)>¥“ is maximum defines the

and unfolded states, respectively, and C,P8(T) transition temperature, Tp,.

states of small globular proteins have established some general properties [7]. The
heat capacity function for the native state appears to be a linear function of tem-
perature with a rather similar slope 0.005-0.008 ] K=2 g~! when calculated per
gram of protein. The absolute values for C, y vary between 1.2 and 1.80 ] K™* g~!
at 25 °C. For the unfolded state, the absolute value at 25 °C is always higher than
that for the native state (Cp y > Cp n) and ranges between 1.85 and 2.2 J K™ g™L.
The heat capacity of the unfolded state has nonlinear dependence on temperature.
It increases with increase of temperature and reaches a plateau between 60 and
75 °C. Above this temperature C, y Cp y remains constant with the typical values
ranging between 2.1 and 2.5 ] K~ g~

The excess heat capacity function can thus be calculated as a difference between
experimental and progress heat capacities. The excess heat capacity function is very
important as it provides the temperature dependence of the fraction of protein in
the native and unfolded states:

_ Q1) _ [y <G(T)dT
Qtot fgo<cp(’1")>exc dT

Fx(T) =1 - Fy(T) (16)
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and the temperature dependence of the equilibrium constant

_JEG(TyedT

K(T
(T) JLCy(T)y=edT

(17)

The temperature dependence of the equilibrium constant defines the van't Hoff
enthalpy of a two-state process as:

d1In K(T)

A= gty

(18)

The area under the {C,(T)>* is the calorimetric (model independent) enthalpy of
unfolding:

sl

AHu = JO“‘ (Cy(T)yodT (19)

Comparison of the two enthalpies — van't Hoff enthalpy calculated for a two-state
transition and model-free calorimetric enthalpy of unfolding — is the most rigorous
test of whether protein unfolding is a two-state process [8-11]. If calorimetric en-
thalpy is equal to van't Hoff enthalpy, AH,(Tym) = AHyu (T ), the unfolding pro-
cess is a two-state process. If calorimetric enthalpy is larger than the van't Hoff
enthalpy, AHe(Tm) > AHyu(Tw), the unfolding process is more complex, such
as being not monomolecular or involving intermediate states (see Section 4.6).

Instead of the van't Hoff enthalpy, it is more practical to use the fitted enthalpy
of two-state unfolding. This can be done using the following approach. The excess
enthalpy function (relative to the native state) is defined as [2, 8]:

(AH®Y = Fy - AH(T) (20)

where AH(T) is the enthalpy difference between native and unfolded states. By
definition, the excess heat capacity function is a temperature derivative of the ex-
cess enthalpy at constant pressure:

O(AHT oFy
exc __ _ .
(AC)™ == =AH — (21)

Note that the way {C,(T)»*“ is defined by Eq. (14), the temperature dependence of

AH is in the C,P*8(T) function. Combining Eqs (4), (8), and (21) it is easy to show
that the excess heat capacity (C,(T))>™ is defined as:

G(TN™ =7 (22)

where the enthalpy function is defined as AH(T):
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AH(T) = AHg(Tim) + AC, - (T — T) (23)

The experimental partial molar heat capacity function, Cp, (T), is then fitted to
the following expression:

Copr(T) = Fn(T) - Gon(T) +<Gp(T)™ + Fu(T) - G u(T) (24)

The heat capacity functions for the native and unfolded states can be represented
by the linear functions of temperature as:

Con(T) = Ay - T + By (25)

ou(T) =Ay-T+ By (26)

There are seven parameters to fit: Try, AHg, ACp, A, Ay, By, and By.

4.3
Cold Denaturation

Initial studies of the thermodynamics of protein unfolding [9, 12-15] done on
small globular proteins established that equilibrium protein unfolding is a two-
state process, i.e., AHyy = AH,, and that the protein unfolding is accompanied
by a large positive heat capacity change. Direct consequence of large heat capacity
changes upon unfolding is that both enthalpy and entropy functions are strongly
temperature dependent which in turn leads to a temperature-dependent Gibbs en-
ergy function (Figure 4.3). Both the enthalpy and entropy are expected to be zero at
temperature Ty, and T;. By definition, the slope of temperature dependence of the
AG function is equal to —AS:

OAG(T)
oT

= —AS(T)

Thus at T;AS = 0 and AG has a maximum at Ty, so that AG(Ts) = AH(Ts). The
enthalpy function crosses zero at Tj,, which is always lower than T (i.e., Ty, < Ts),
however since Ts — Ty, = AH(T;)/AC,, this difference is only a few degrees. There
is a simple relationship between Ty, and the transition temperature Tp,: Ty, — Ty, =
AH(Tm)/AC,.

The fact that AG function has a maximum at Ts means that it can cross zero at
two different temperatures: once at temperature Ty, > Ts and again at T, < Ts.
T is the temperature of denaturation observed upon heating the solution. Ty, is
the temperature of protein denaturation upon cooling, the so-called cold denatu-
ration. There is a simple relationship between Ty, and T, . The equation Ty, ~
T — 2 - AH(Ty)/AC, overestimates the temperature of cold denaturation only by
few degrees.
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Fig. 43. Temperature dependencies of Gibbs T, = 65 °C, AH = 250 k] mol™', AAC, =

energy, AG, enthalpy, AH, and entropic 5 k] mol~" K~'. Other abbreviations: T/
contribution, T - AS, for the same hypothetical ~temperature of cold denaturation, T,
protein as in Figure 4.2. Thermodynamics temperature at which enthalpy is zero, T
functions were calculated according to temperature at which entropy is zero.

equations using the following parameters:

Cold denaturation was predicted and later its existence confirmed based on the
extrapolation of thermodynamic functions obtained from the study of heat denatu-
ration process [8, 16-19]. Experimental validation of the cold denaturation phe-
nomenon once again demonstrated the power of statistical thermodynamics in
the analysis of the conformational properties of proteins.

4.4
Mechanisms of Thermostabilization

From the point of view of applied properties of proteins, two parameters are
important — the thermodynamic stability as measured by the Gibbs energy and
the thermostability as measured by the transition temperature.

Depending on the relationship between the T, T,, and absolute values of AG,
three extreme models [20-24] account for the increase in AG and/or Ty, and the
relationship between these two parameters (Figure 4.4).

® Model I Increase in thermostability is accompanied by little or no change in T
but with an increase in stability at Ts. This can be achieved by lowering the en-
tropy of unfolding without changes in the enthalpy of unfolding or in AC;.

* Model II Increase in thermostability is accompanied by little or no change in T
and no changes in stability at Ts, but the temperature dependence of AG be-
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Fig. 4.4. Thermodynamic models for thermostabilization
relative to the reference protein. Detailed thermodynamic
parameters for the reference protein (R), and models I, Il and
I are given in Table 4.1.

Tab. 4.1. Thermodynamic parameters used in the simulation of different models for thermostabilization shown

in Figure 4.4.
Tm Ts 4G, AH(Tpm) A4G(Ts) AH(65 °C) T-AS(65 °C) A44G(65 °C)
(Q (O (Jmol~ K7) (mol~) (kmol~) (kjmol~') (Jmol~') (i mol~)
Reference 65 18 5.00 250 17.6 250 250 0
Model 1 75 19 5.00 300 24.6 250 242 7.9
Model 2 75 18 3.44 212 17.6 177 172 5.6
Model 3 75 27 5.00 254 17.6 204 197 6.6
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comes less steep. This can be achieved by lowering AC,, but both enthalpy and
entropy will change as well.

® Model I1I Increase in thermostability is accompanied by the increase in T but no
changes in stability at T, or in the temperature dependence of AG function. The
increase in stability is due to the decrease in both enthalpic and entropic factors,
but decrease in T - AS is larger than in AH, while AC, remains unchanged.

Of course these three models represent “extreme” cases and the real systems
can use combination of all three simultaneously. Nevertheless, understanding the
contributions of different factors to the thermodynamics of proteins in terms
of AC,,AH, and AS allows strategies for rational modulation of protein stability
and/or thermostability to be designed. These strategies are discussed in the next
section.

4.5
Thermodynamic Dissection of Forces Contributing to Protein Stability

The ultimate goal of the field is to be able to understand the determinants of pro-
tein stability in such details that will allow the prediction of the stability profile
(i.e., AG) of any protein under any conditions such as temperature, pH, ionic
strength, etc.

For example, the slope of the AG dependence on temperature is —AS, which in
turn is dependent on temperature and this dependence is defined by AC,. Thus
one needs to know not only a value for AG at one particular temperature, but also
AS,AH, and AC, to calculate the AG(T) function.

Another potential complexity arises from the fact that AG being the difference
between the enthalpic (AH) and entropic (T - AS) terms, is subject to the so-called
enthalpy—entropy compensation phenomenon [25-27]. It has been observed in a
number of systems that changes in the enthalpy of a system are often compen-
sated by the changes in the entropy in such a way that the resulting changes in
AG are very small. One particularly striking example of such compensation is the
effect of heavy (D,0) and ordinary light (H,O) water on protein stability [28].
Heavy water as a solvent provides probably the smallest possible perturbation to
the properties H,O. The stability (AG) of proteins in H,O is very similar to the
stability of proteins in D,O (Figure 4.5). Such similarity in the AG values might
lead to the conclusion that D,O did not perturb the properties of the system rela-
tive to H,O. However, if one looks at the corresponding changes in enthalpy (Fig-
ure 4.5) and entropy (not shown), it is clear that D,0 has a profound effect on the
system, and decreases the enthalpy of unfolding by ~20%. This decrease in en-
thalpy is accompanied by a decrease in entropy in such a way that the resulting
AG is largely unchanged.

This result underlines the importance of the analysis of the protein stability in
terms of enthalpy, entropy, and heat capacity, so that underlying physicochemical
processes are not masked by the enthalpy—entropy compensations. The effect of
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Fig. 4.5. Comparison of the unfolding on the transition temperature, T,. The slopes

thermodynamics for three different proteins
ribonucleases A (RNaseA), hen-egg white
lysozyme (Lyz) and cytochrome ¢ (Cyt), in
ordinary (H,0, squares) and heavy (D,O,
circles) water. A) Dependence of the
transition temperature, Tp,, on the pH/pD. B)
Dependence of the enthalpy of unfolding, AH,

which represent the heat capacity change upon
unfolding (AC,, k) K~ mol™") are 4.8 (d-RNase),
5.2 (h-RNase), 6.4 (d-Lyz), 6.7 (h-Lyz), 4.7
(d-Cytc) and 5.5 (h-Cytc). C) Dependence

of the Gibbs energy of unfolding at AG (25 °C)
on the pH/pD. Reproduced with permission
from Ref. [28].

D,0 on protein stability also underlines the importance of the solvent (or interac-
tions of protein groups with the solvent) for protein stability. Even such small per-
turbation in the properties of solvent such as D,O versus H,O produces dramatic
changes in the enthalpies and entropies of unfolding. Thus in analysis of the
factors important for proteins stability one needs to consider not only the interac-
tions between protein groups but also interactions between protein groups and the
solvent. The next three sections will discuss the contribution of different types
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of interactions to the heat capacity, enthalpy and entropy changes upon protein
unfolding.

4.5
Heat Capacity Changes, AC,

It is currently believed that the heat capacity changes upon unfolding are entirely
defined by the interactions with the solvent of the proteins groups that were buried
in the native state but become exposed upon unfolding. Both polar and nonpolar
groups seem to contribute although with different sign and magnitude. It appears
that nonpolar groups have a large positive contribution to the heat capacity of un-
folding, while the polar groups have smaller (for a group of similar size) and neg-
ative contribution to AC,. These estimates of AC, for polar and nonpolar groups
were obtained from the study of thermodynamics of transfer for model com-
pounds [7, 29-35]. To link the data on model compounds to the results obtained
on proteins, the heat capacity changes for model compounds were computed per
unit of solvent accessible surface area, and then used as coefficients to calculated
the hydration heat capacity for proteins. It has been shown that the AC, values cal-
culated are in a very good agreement with the experimentally determined heat ca-
pacity changes for proteins. From this correlation it was concluded that the AC,, of
protein unfolding is caused exclusively by the hydration and that the disruption of
internal interactions in the native state do not contribute to the AC;,. This conclu-
sion was in disagreement with the estimates done by Sturtevant [36], who showed
that the changes in vibrational entropy of protein upon unfolding should contrib-
ute 20-25% to the experimentally observed changes in AC,,.

The common belief that AC, is entirely defined by the hydration was questioned
by experiments of Loladze et al. [37]. These authors measured experimentally the
effects of single amino acid substitutions at fully buried positions of ubiquitin on
the AC, of this protein. It was shown that substitution of the fully buried nonpolar
residues with the polar ones leads to a decrease in AC,, while the substitutions of
fully buried polar residues with nonpolar ones leads to an increase in AC,. These
results provided direct experimental support for the model compound data (that
indicated difference in the sign for the AC, of hydration for polar and nonpolar
groups) to be qualitatively applicable to proteins. Quantitatively, however, the re-
sults of substitutions on AC,, were not possible to predict based on the model com-
pound data and surface area proportionality. This led to the conclusion that the dy-
namic properties of the native state also contribute to AC;, [37, 38]. At this point
quantitative correlation between native state dynamics and AC, awaits experimen-
tal validation.

4.5.2
Enthalpy of Unfolding, AH

The enthalpy of protein unfolding is positive, which means that enthalpically the
native state is favored over the unfolded state. Two major types of interactions can
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be considered as a possible source of enthalpy: interactions with the solvent and
internal interactions between protein groups in the native state.

Interactions with the solvent by the protein groups newly exposed upon unfold-
ing of the native protein structure are expected to be enthalpically unfavorable
(enthalpically hydration of the unfolded state is favored over the hydration of the
native state). This follows from the data on the transfer of the model compounds
from the gas phase into water; for both polar and nonpolar groups, the enthalpy of
transfer is negative [28, 32, 34, 48, 39]. The absolute magnitude of the effects for a
polar group and a nonpolar group of the same size is very different. It is far more
enthalpically unfavorable to transfer a polar group into water that it is for a nonpo-
lar group. This large difference in the enthalpy of hydration of polar and nonpolar
groups in proteins was recently demonstrated experimentally by measuring the
effects of nonpolar to polar substitutions at fully buried sites on the enthalpy of
unfolding [40].

If the enthalpy of dehydration is unfavorable, it is clear that the internal interac-
tions between protein groups in the native state are enthalpically very stabilizing.
The internal interactions are the hydrogen bonding and packing interactions be-
tween groups in the protein interior. The packing of the protein core is as good as
the packing of organic crystals. Calculations show that the packing density in pro-
teins is very similar to that for organic crystals [41, 42]. Melting or sublimation of
a crystal is accompanied by large enthalpy, and one can expect that disruption of
packing interactions in the protein interior will also lead to large positive enthalpy.
Direct evidence for this was obtained by measuring the effects of substitutions
that perturb packing in the protein interior [40]. It was shown that cavity creating
substitutions in the protein core led to substantial decrease in the enthalpy of
unfolding.

Hydrogen bonding also makes a favorable contribution to the protein stability
[43, 44]. The net effect of disruption of hydrogen bonding inside the protein is dif-
ficult to measure. However, substitutions that disrupt hydrogen bonding with min-
imal (but not negligible) perturbations in the packing and hydration indicate that
there is a significant enthalpic effect associated with the disruption of internal hy-
drogen bonds [40]. One needs to keep in mind that this effect is for disruption of
hydrogen bonds in the protein interior and does not include the effect of hydration.
These two effects are very difficult to estimate separately. The combined effect, i.e.,
enthalpy of disruption of hydrogen bonds in the protein interior followed by expo-
sure (hydration) of hydrogen bonding groups to the solvent is more straightfor-
ward for the experimental analysis. Recent advances in calorimetric instrumenta-
tion and the development of novel model systems have provided estimates for the
enthalpy of hydrogen bonding upon helix—coil transition [45-47]. The measured
value is relatively small (~3 kJ mol~!) but positive, indicating that the favorable
enthalpy of internal hydrogen bonding is larger than the unfavorable enthalpy of
hydration.

To summarize, native protein is enthalpically more stable than the unfolded
state. Internal interactions (packing and hydrogen bonding) are enthalpically stabi-
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lizing, while exposure to the solvent upon unfolding of the buried in the native
state groups is enthalpically destabilizing.

453
Entropy of Unfolding, AS

Protein unfolding is accompanied by increase in entropy. This entropy increase is
caused by two factors. One factor is the interaction of the newly exposed groups
with the solvent in the unfolded state. The other factor is the increase in the num-
ber of accessible conformations in the unfolded state relative to the native state. In-
teractions with the solvent by both polar and nonpolar groups occur with the neg-
ative entropy [33, 34, 48]. The molecular details of these effects just start to become
clear but in a simplified way they can be described by the increase in order of water
molecules around the solute (polar or nonpolar) relative to the bulk water. The
molecular mechanism of this ordering is different for polar and nonpolar groups
[49]. For a group of the same size, the entropy decrease due to hydration for polar
groups appears (based on the model compound study) to be larger than that for
the nonpolar groups. Such an effect is expected intuitively, based on consideration
that the polar groups will have more ordering effect on the water dipole.

This decrease in entropy due to hydration of protein groups newly exposed to
solvent in the unfolded state is overcompensated by the increase (relative to the na-
tive state) in the configurational freedom of the polypeptide chain in the unfolded
state. There are several different estimates of the magnitude of the configurational
entropy in proteins [50-55]. The actual value will probably be strongly context de-
pendent, and will depend on the conformations that can be populated within the
unfolded state ensemble.

Overall, hydration of both polar and nonpolar groups (the latter sometimes
called hydrophobic effect) entropically favors the native state, while the increase in
conformational freedom favors the unfolded state.

On balance, the protein structure is stabilized enthalpically. Large enthalpic
stabilization is offset by entropic destabilization, rendering the protein molecule
marginally stable [56].

One can only speculate why proteins evolve to be marginally stable. From the
biological standpoint, low stability might be advantageous for rapid regulation of
protein levels in the cell, because low stability most certainly will facilitate protein
degradation by proteases or more complex cellular machineries. Transport of pro-
teins among different cellular compartments involves folding—unfolding and thus
low stability will facilitate transport across the membrane [57]. Low stability will
probably permit conformational transitions between different functional states,
and thus will be advantageous for regulation. Low stability will also have important
consequences for the kinetics of folding/unfolding reactions and thus might be
important in preventing accumulation of intermediate states that have detrimental
properties, such as a tendency to aggregate [57-59].

In discussing protein stability we largely concentrate on the residues that are
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buried in the native state as a major source for the stability. Indeed, interactions in
the core of the native protein and interactions of these residues with the solvent in
the unfolded state provide the dominant effects for protein stability. This does not
mean, however, that the surface residues do not contribute to stability [60-63].
They are in most cases not dominant factors defining protein energetics, yet are
significantly large relative to the overall protein stability (AG) and thus they are im-
portant for modulating protein stability and, in the case of charge—charge interac-
tions, enhancing protein solubility.

4.6
Multistate Transitions

In 1978 Biltonen and Freire [8] proposed a universal mechanism for equilibrium
unfolding of proteins based on standard statistical thermodynamics approach.
They considered a general reaction in which a initial native state, N, undergoes
conformational transition to the final unfolded state, U, via a series of intermediate
states, [

NI, U

and showed that the excess enthalpy of the systems (enthalpies of all states in the
system relative to the initial state) can be written as:

(AH®y = " F;- AH; (27)
i=0

where F; is the fractional population of i-th state and AH; is the enthalpy of the i-th
state relative to the initial state. Keeping in mind that since

T
{(AH®y = J AC;XC -dT (28)
To

knowledge of the excess heat capacity function provides a unique description of the
thermodynamic properties of the system. One practical approximation for the mul-
tistate transitions is that when the transitions involve many states, it is convenient
to assume that the thermodynamic domains behave in an independent manner,
with each individual transition approximated by a two-state transition. In such
case the excess heat capacity function can be simply written as:

AH;)? K;
<Acpexc> _ Z ( RTZ) . m (29)

where K; is the equilibrium constant for the i-th reaction.
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The following sections discuss several of the commonest cases for the unfolding
process other than the simple two-state case.

4.6.1
Two-state Dimeric Model

In this model only the native dimer, N, and unfolded monomer, U, are signifi-
cantly populated.

N, &2.U

The equilibrium constant is then defined as:

_

N] (30)

where [N;] and [U] are the concentrations of native dimers and monomers, respec-
tively. The fraction of protein in these two states can be presented as:

[Nz] = % . PT . FN2 and [U} = PT . FU (31)
where Fy, and Fy are the fractions of native dimer and unfolded monomers, re-

spectively, and Pr, the total protein concentration expressed per mole of monomers
is:

Pr=2-[N;] +[U] (32)

Combining Eqs (30) and (32) allows the equilibrium constant to be expressed as a
function of total protein concentration and a fraction of unfolded protein as:

2P Fy?

K= 33
1-Fy (33)

Solving a simple quadratic equation for Fy, we arrive at:

FU_\/(K2+8~PT~K)—K (34)

N 4.Pp

The excess enthalpy of the system is related to the enthalpy of unfolding as:
{AH®) = Fy - AH(T) (35)

which allows calculation of the excess heat capacity function by simple analytical
differentiation:
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O(AHEY 0Fy  AH(T)* Fy-(1— Fy)
ACES =377 2 A Yo
AG™ oT oT R-T? 2—Fy (36)
Thus the experimental partial molar heat capacity profile can be expressed as:
Co.pe(T) = Fn(T) - G n(T) + G(T) + Fu(T) - G u(T) (37)

where the heat capacity functions for the native and unfolded states are expressed
according to Eqs (25-26).

Calculation of the standard thermodynamic quantities such as Gibbs energy,
can be done by defining the reference temperature Ty, as a temperature at which
Fy, = 0.5, and thus according to the Eq. (33) the equilibrium constant at this tem-
perature is equal to Pr. The standard Gibbs energy can then be expressed as:

Tm—T

m

AG° =

“AH(Tw) +ACy - (T — Tin)
+T~ACp~ln<T—;> ~R-T-InK(Ty) (38)

It must be emphasized that the AG® function in this case is refers to a 1 mol L™}
concentration of dimers.

4.6.2
Two-state Multimeric Model

For the reaction of unfolding of homo-oligomeric system that occurs without sig-
nificant population of intermediate states, i.e.

N,—n-U
it is easy to show that the excess heat capacity function can be expressed simply as

AH(T)* Fy-(1-Fy)
R-T2 n—Fy-(n—1)

ACT) = (39)

where n is the order of the reaction. Obviously, for n = 2, Eq. (39) is reduced to Eq.
(36).

4.6.3
Three-state Dimeric Model

In this model, not only the native dimer, N,, and the unfolded monomer, U, but
also a native monomer, N, are significantly populated.
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K K
Ny 52.-NS32.U

Equilibrium constants of dissociation, Ky, and of unfolding, Ky, are then defined
as:

(U]

Kg=+——- and KU:W

[N]?
[N2]

(40)

where [N;],[N], and [U] are the concentrations of the native dimers, the native
monomers and the unfolded monomers, respectively. The fraction of protein in
these three states can be presented as:

[Ny] =1Fy, - Pr (41)
IN] = Fy - Py (42)
[U=Pr-Fy (43)

where Fy,, Fy, and Fy are the fractions of native dimer, native monomer, and un-
folded monomer, respectively, and Pr, the total protein concentration expressed per
mole of monomers, is:

PT = 2[N>] + [N] + [U] (44)
Combining Eqs (40)—(44) allows the equilibrium constants to be expressed as a

function of total protein concentration and fractions of native and unfolded protein
as:

. 2,
Ky = 2 - Pr (45)
Fx,
F
Ky = = (46)

Kq - F,
2. Pr
Keeping in mind that Fy, + Fx + Fy = 1 we can combine Eqs (45) and (46) to
get:

Ky - Fy Ky - Fx
Fy =1 — 4/ ———2 Ky -/ —2 4
N V2 p; U\ 2 Py (47)

Substituting 1 + Ky = g and solving the quadratic equation we arrive at the follow-
ing expressions for the fractions of proteins in the native dimer, native monomer,
and unfolded monomer:
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2

Ky 8- Pr
Fy, = 4/ q? - 4
=g 7 (48)
Ky 8. Pr
Fy = A/ - 49
YT 4pr { o Kq ] (49)
Ky - K4 8. Pr
Fy = . 2 - 50
YT 4pr { K } (50)
The excess enthalpy function is defined as:
(AH®Y = AHy - Fy + (AHgq + AHy) - Fy (51)

which allows calculation of the excess heat capacity function as a temperature de-
rivative of the excess enthalpy. The corresponding Gibbs energies can be expressed
as:

AGY :M-AH(Td)—i—ACP (T =Ty —&-T-ACP-IH(%) —R-T-In K(Ty)
d
(52)
AGy = =T Ap(T,) + AC, - (T — Tw) + T - AG, .1n<%> (53)

where AGY is the standard Gibbs energy of dissociation of native dimer into
native monomers, and AGy is the monomolecular Gibbs energy of unfolding
of monomers. For convenience the reference temperatures are defined as fol-
lows: T, is defined as a temperature at which Fy, = FZ, and thus according to the
Eq. (45) the equilibrium constant is equal to 2Pr; Ty, is the temperature at which
Fx = Fy and thus the equilibrium constant is equal to 1.

4.6.4
Two-state Model with Ligand Binding

In this model, the native state, N, but not the unfolded state, U, can bind a ligand,
L. The ligand does not undergo any conformational transition upon binding.

NLEN+LE8U+L

The equilibrium constants of dissociation, K4, and of unfolding, Ky, are then de-
fined as:

_ NI _ U]
Kq = NI and Ky = N (54)

where [NL], [N], [U], and [L] are the concentrations of ligated, and unligated native
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states, unfolded state, and free ligand concentration, respectively. The fraction of
protein in these three states can be presented as:

[N] = Fx - Pr (55)
[U] = Fy - Pr (56)
[NL] = Fyr - Pr (57)

where the total concentration of the protein, Pr, is

Pr = [NL] + [N] + [U] (58)
Similarly, the total concentration of the ligand, Ly, can be expressed as:

Ly = [NL] + [L] (59)
Combining Eqs (54)—(59) allows the equilibrium constants to be expressed as a
function of total protein and ligand concentrations and fractions of native and un-

folded protein as:

Fy - (Lt — Fni - Pr)

Kq = 60

d Fnr (60)
Fy - (Lt — Fxi - Pr)

Ky = 61

v Kq - Fno (61)

Keeping in mind that Fy. + Fy + Fy = 1 we can combine Eqs (60)—(61) and write:

Kd-FNL Kd'KU'FNL
(Lt — Fnu - Pr) (Lt — Fao - Pr)

Fno+ =1 (62)

Equation (62) is a simple quadratic equation and can be solved for Fy to give:

/0> —4 - P - [+ —
Py = Y4 L | (63)

2-Pr

where g = Pr + Lt + K4 + Ky Ky
The fractions of the unligated native and of the unfolded states can be expressed
as:

. 2_4. . —
Fy — Ka-(v/q* —4-Pr- Lt —q) (64)
2~LT~PT7PT~(\/@274~PT-LT7q)
K- K- 2_4.Pr. Ly —
Fy — u-Ka- (V4 T Lt —q) (65)
2'LT~PT—PT~(\/q2—4~PT~LT—q)
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The excess enthalpy function is defined as:

<AHeXC> =AHy - Fy + (AHd + AHU) - Fy (66)
which allows calculation of the excess heat capacity function as a temperature de-

rivative of the excess enthalpy.
The corresponding Gibbs energies can be expressed as:

AGY = AH(T,) + AC, - (T — To) — T - AS(To)
—TA@M(%>7KTJnmm9 (67)

T — T T

 AH(Tn) + AG, - (T — To) + T+ AC, -ln(T) (68)

AGy =

m

where AGY is the standard Gibbs energy of dissociation, AGy is the monomolecu-
lar Gibbs energy of unfolding, Tj is the reference temperature for the dissociation
reaction, and T, is the temperature at which Fy = Fy and thus the equilibrium
constant is equal to 1. In practice, the AGy function is determined from the DSC
experiments performed in the absence of the ligand, and then is used to fit the
DSC profiles obtained in the presence of ligand.

4.6.5
Four-state (Two-domain Protein) Model

In this model, the protein consists of two interacting domains A and B, each of
which unfolds as a two state.

AnBy 5 AyBy

ANBU — AUBU
Ky

The equilibrium constants for the four reactions can be expressed through the con-
centrations of four states, native with both A and B domains folded (AxBy), do-
main A folded domain B unfolded (AxBy), domain A unfolded domain B folded
(AyBy), and both domains unfolded (AyBy), as

_ [AuBy]
" [AxBy]

(69)

(70)
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<y ”
=R ”

It is important to emphasize that the four equilibrium constants are not fully inde-
pendent since the following relationship is valid K; - K3 = K; - Ky.
The fraction of each of the four states can be written as:

[AnBy]

Fagpy = [AxBy] + [AuBx] + [AnBu] + [AuBy] (73)
B [AuBN]

Fausy = 3 BT+ [AuBx] + [AvBU] + [AUBU] (74)
B [AxBy]

Faysy = [ANBN] + [AUBN] + [ANBU] + [AUBU] (75)

Fayy = BoBul e

[AnBw] + [AuBN] + [AnBy] + [AyBu]

Combining Eqs (69)—(72) and (73)—(76) we can relate the fraction of individual
states to the corresponding equilibrium constants:

Faypy = m (77)
Faody = 155 & 2 K (78)
Fabe =77 & +IIZ+K1 e (79)
Fays, ks (80)

T14 K+ K+ K - K

Difference in K; and K4 or K; and Kj; defines the energy of interaction between
domains, AGijy;.

Ky AG4 — AGiy
K = Kop exp( T > (81)
T
A

K AG; — AG;
K2 = 3 = exp (— %) (83)
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T
B
AG;
Kint = exp (— R ';f) (85)
AGint == AHint _ T . ASint (86)

The reference temperatures Ty and Ty are defined as the temperatures at which
the each of the two intermediate states, AyBy and AyBy that have one of the do-
mains unfolded awhile the other one folded, is 50% populated. It is important to
emphasize that the energy of interaction as defined above also includes possible
conformational changes in each domain upon their interactions.

The excess enthalpy of the system can be written as:

<AHexc> — (AHA _ AHint) . FAUBN + (AHB — AHint) . FANBU
+ (AHa + AHp — AHi) - Fagpy 87)

and the excess heat capacity function can be obtained by differentiation.

N dF dF
<C;XC(T)> — % = (AHA — AHint) : (?;«BN + (AHB - AHint) ’ %
dF,
+ (AHA + AHg — AHjnt) ' (;;"BU (88)

Note that after one of the domains melts, the interaction energy goes to zero. Thus,
AGiy; has apparent effect only on a domain with lower Ty,

4.7
Experimental Protocols

4.7.1
How to Prepare for DSC Experiments

The DSC instrument should be turned on prior to the experiment and several (at
least three) baseline scans with both cells filled with the buffer should be recorded.
The last two profiles must be overlapping. This establishes the thermal history and
verifies that the instrument is working within specifications.

The pre-experiment baseline scans should be done at the scan rate that will be
used for the protein scan. The heating rate is one of the most important parame-
ters. Several considerations have to be taken into account. First, the higher the scan
rate, the higher the sensitivity of the instrument. The increase in sensitivity is lin-
ear with respect to the heating rate (i.e., the sensitivity at a heating rate of 2° min~!
is twice as high as that at 1° min~!), but the increase in sensitivity does not mean
an increase in the signal-to-noise ratio. Second, if the expected transition is very
sharp (e.g., within a few degrees) a high heating rate will affect the shape of the
heat absorption profile and lead to an error in the determination of all thermody-
namic parameters for this transition. This error will be particularly large for the
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transition temperature. Third, the higher the heating rate the less time the system
has to equilibrate. So for slow unfolding /refolding processes it is advisable to use
low heating rates.

In practice, for small globular proteins exhibiting reversible temperature induced
unfolding, a maximal (on most DSC instruments) heating rate of 2° min~! is ac-
ceptable. For large proteins lower heating rates (0.5-1° min~!) are more appropri-
ate. In the case of fibrillar proteins, which usually exhibit very narrow transitions, a
heating rate of 0.1-0.25° min~! is most suitable.

The purity of the protein sample is very important. Contamination with other
proteins, nucleic acids, or lipids can affect both the shape of the calorimetric pro-
files and the estimation of the thermodynamic parameters of unfolding through
the errors in determination of the sample concentration. PAAG electrophoresis,
UV/VIS spectroscopy and mass spectroscopy should be used to validate the purity
of the protein sample.

Since calorimetric experiments are performed over a broad temperature range,
the pH of the buffer should have a small temperature dependence. For this reason
for example, very popular “physiological” Tris buffer is not the best choice. Gly-
cine, sodium/potassium acetate, sodium/potassium phosphate, sodium cacodilate,
and sodium citrate are the buffers of choice.

Equilibration of protein with buffer is a vital part of the sample preparation for
calorimetric experiments. One should keep in mind that the DSC instrument mea-
sures the heat capacity difference between buffer and protein solutions. Thus any
small inequality in the buffer composition will result in an incorrect absolute value
and an incorrect slope of the heat capacity profile. The best way to achieve equilib-
rium between buffer and protein solution is dialysis. The protein sample should be
dialyzed against at least two changes of buffer. The buffer solutions should be fil-
tered prior to dialysis using a 0.45 pm filter to eliminate all insoluble material.

Following dialysis, all insoluble particles should be carefully removed from the
protein solution. This can be achieved by centrifugation at ~12000 g in a micro-
centrifuge for ~15-20 min.

Knowledge of the exact protein concentration afier dialysis is very important.
Among all available methods for determination of protein concentration, spectro-
photometric methods seem to be most accurate and rapid. This method requires
knowledge of the extinction coefficient of the protein at a given wavelength. The
extinction coefficient can be calculated from the number of aromatic residues and
disulfide bonds in a protein using an empirical equation [64]:

Eo0 o ™ = (5690 - Niryp 4 1280 - Ny + 120 - Ng) /MW (89)

where MW is the molecular weight of the protein in daltons. A more elaborate pro-
cedure is described by Pace et al. [65] and improves the accuracy of the calcula-
tions. For proteins that do not contain any aromatic residues, the method that is
based on absorption of peptide backbone gives fast and accurate results. Light scat-
tering in spectrophotometric measurements of protein concentration can be a sig-
nificant problem, but can be taken into account using a procedure suggested by
Winder and Gent [66].
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4.7.2
How to Choose Appropriate Conditions

The most frequent problem in DSC experiments is irreversibility of the unfolding
transition. This particularly applies to large proteins that have tendencies to aggre-
gate after unfolding. Sensitivity of contemporary DSC instruments provides reli-
able heat capacity profiles at concentrations as low as 0.3 mg mL~! for proteins of
the molecular range 6-17 kDa. The concentration for larger proteins can be even
lower. Low protein concentration leads to decreased probability for aggregation.
However, even at low protein concentrations, finding the proper solvent conditions
is not a simple task. A rule of thumb is that at a pH value close to the isoelectric
point of the protein, aggregation after unfolding is highly probable. High concen-
trations of neutral salts also promote aggregation. In many cases, aggregation can
be avoided by keeping the ionic strength of the solvent very low (10-50 mM) and
by using pH values a couple of units away (usually below) from the isoelectric
point.

4.7.3
Critical Factors in Running DSC Experiments

Two important pieces of information should be established prior to the analysis of
the calorimetric profiles. This will help to decide whether the formalism of equilib-
rium thermodynamics is applicable to the studied protein:

1. Reversibility of the unfolding transition under several conditions should be ex-
amined by rescanning the sample. Reversibility depends on the upper tem-
perature of heating. The unfolding transition can be considered reversible if
rescanning after the sample has been heated to the temperature just past the
completion of the transition leads to the recovery of at least 85-90% of the ini-
tial endotherm. If no endotherm is observed after rescanning, the unfolding
reaction is irreversible. Thermodynamic analysis for irreversible transitions is
possible only in special cases [11, 67].

2. Equilibrium conditions of reversible unfolding should be examined to find the
optimal scan rate that permits establishment of equilibrium between native and
unfolded states at all temperatures (i.e., scan rate should not be faster than the
folding /unfolding rates). This can be examined by comparing the heat capacity
profiles obtained on exactly the same sample at two different heating rates,
usually 2° min~! and 0.5° min~. If the difference in the transition tempera-
ture exceeds 0.5-0.7 °C, additional experiments at a lower heating rate (i.e.,
0.1° min~—") should be performed and compared with a 0.5° min~! experiment.
If there is still a difference in the transition temperature all experiments at a
given solvent composition should be performed at several different heating rates
and the transition temperatures should be extrapolated to a zero heating rate
(for more details see Ref. [68]).
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5
Pressure—Temperature Phase Diagrams of
Proteins

Wolfgang Doster and Josef Friedrich

5.1
Introduction

One of the most peculiar features of proteins is their marginal stability within a
narrow range of thermodynamic conditions. Biologically active structures can be
disrupted by increasing or decreasing the temperature, the pressure, the pH or by
adding denaturants. By disrupting a structure one can study its architecture and
energetics. In this article we focus on the thermodynamic aspects of temperature
and pressure denaturation. A variation of temperature inevitably leads to a simul-
taneous change of entropy and volume through thermal expansion. The advantage
of using pressure as a thermodynamic variable is that volume-dependent effects
can be isolated from temperature-dependent effects. Just as the increase in temper-
ature drives the system in equilibrium towards states of higher entropy, a pressure
increase will bias the ensemble of accessible states towards those with a smaller
volume. This is the meaning of le Chatelier’s principle. Thus, if the protein has
the lower volume in its denatured form, the native structure will become unstable
above a critical pressure. Similarly the opposite effect, stabilization of the native
state by pressure, is sometimes associated with heat denaturation.

Packing defects in the water-excluding native state, reorganization of the solvent
near exposed nonpolar side chains, and electrostriction by newly formed charges
act as volume reservoirs which can lower the volume in the unfolded state. While
dissociation of oligomeric proteins into subunits occurs at low pressures, i.e., be-
low 200 MPa [1], pressures above 300 MPa are required to denature monomeric
proteins. A number of useful review articles on this subject have been published
recently (see, for example, Ref. [2]).

The isothermal compressibility of water (0.56/GPa) is quite small. At 11000 m
below sea level and pressures near 100 MPa, the density of water is only 5% higher
than at ambient pressure. On the other hand, the density at the freezing transition
changes by 9%. Moreover, proteins are 5-10 times less compressible than water.
As a result, pressure-induced volume changes in proteins are quite small, typically
0.5% of the total volume at the unfolding transition. For monomeric proteins
the difference corresponds approximately to the volume of five water molecules
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(5 x 18 mL mol~!). Thus, minor volume changes often induce large structural
rearrangements, where essentially incompressible matter is displaced. Therefore
pressure can be a powerful structural gear. On the other hand, the microscopic in-
terpretation of protein volume changes is still one of the difficult and unresolved
questions of the field 3, 4].

Part of the problem arises from the fact that the denatured state itself is not
very well defined [5]. It is generally assumed that thermal denaturing leads to a
random coil state. As to pressure-induced denaturation and cold denaturation,
there are indications that the denatured state is still compact and resembles the
molten globule state [5—7]. How such a situation can be reconciled with the simple
thermodynamic description of protein stability based on a two-state model has to
be investigated in each case.

Below we present a thermodynamic frame for describing and interpreting pro-
tein stability phase diagrams. The main features are illustrated using our own re-
sults obtained with various optical techniques as well as with neutron scattering.

5.2
Basic Aspects of Phase Diagrams of Proteins and Early Experiments

The most striking thermodynamic properties of proteins are related to the hydro-
phobic effect. These are

e the large and positive heat capacity increment upon unfolding [8-10] and
e the phenomenon of cold denaturation.

The latter was first predicted by Brandts [11, 12] based on studies of heat denatura-
tion on ribonuclease. The transition temperatures for cold denaturation are usually
below the freezing point of most aqueous solutions at ambient pressure. How-
ever, under high pressure, water remains liquid down to much lower temperatures
(—18 °C at 200 MPa, Figure 5.1).

Thus cold denaturation can be studied conveniently at elevated pressures under
mild denaturing conditions, without the need to add denaturants.

The phase diagram of water (Figure 5.1) illustrates the relevance of the
pressure—temperature plane for locating states of structural stability and for classi-
fying their thermodynamic properties.

The slope of the phase boundary of liquid water and ice [ is negative: Increase in
pressure extends the stability range of the liquid phase. The slope of the phase
boundary is given by the ratio of the negative entropy change and the increase in
specific volume at the freezing transition (Eq. (3)). The expansion (4+9%) causes
substantial damage when biological material is frozen. In contrast, the slope of
the liquid to ice III boundary is large and positive, since the corresponding volume
change is small and negative. The application of high pressure to the liquid and
then cooling into ice III minimizes the damage by volume changes (—3%) at the
freezing transition.
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Fig. 5.1. The phase diagram of water: For the boundary from
the liquid to hexagonal ice (I) one has dP/dT = AS/AV < 0,
unlike for the technically relevant modifications, 1l and Il where
the volume discontinuity is small.

Proteins, consisting of a few thousand atoms, are mesoscopic objects. Experience
and theoretical analysis shows [13] that they can be labeled by well-defined ther-
modynamic averages, such as the specific heat capacity, the compressibility, and
the thermal expansion. The structural reorganization may then be regarded as a
change of the macroscopic state of the system. Such changes occur in a highly co-
operative manner. Since the native and denatured states of proteins differ not only
in heat capacity but also in volume and entropy, the transition between the two
states must involve a discontinuity in the first derivatives of the thermodynamic
potential. This is the signature of a first-order phase transition. Consequently, the
native and denatured states of a single-domain protein may be interpreted as two
phases of a macroscopic system, which differ in structural order. For a single pro-
tein molecule the transformation can only be abrupt and not gradually. From this
point of view a cooperative domain of a protein resembles a crystal, which has,
however, a critical size, since it can only exist as a whole. Experimentally, however,
one usually deals with protein ensembles.

The properties of the ensemble, which are reflected in the heterogeneity of the
characteristic parameters of a protein, such as its energy, structure, compressibility,
etc., render some specific features to the denaturing transition compared with
phase transitions of thermodynamic systems: The transition is usually rather broad
in the variables P or T (e.g., see Figures 5.9 and 5.10). This dispersion of the tran-
sition region is directly related to the heterogeneity of the protein ensemble, which
has its roots in the fact that a protein, although a large molecule, is not an infinite
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Fig. 5.2. Contours of constant chemical potential Au =
Hp — py between the denatured (D) and the native (N) state
of chymotrypsinogen (after Hawley [14]).

system. The equilibrium constant Kpyn(T, P) follows from the pressure analog of
the van t'Hoff equation with 0T — 0P and AS — —AV:

d(In Kpx)/oP = —AV/RT

The transition width, determined by the magnitude of the transition volume AV, is
finite for a mesoscopic protein molecule, in contrast to the zero width of a macro-
scopic first-order transition.

Hawley, in 1971, was the first to interpret the curve on which the free energy dif-
ference between native and unfolded state vanishes as an elliptical phase boundary.
This provided a natural explanation for the so-called re-entrant phase behavior of
heat and cold denaturation [14]. Figure 5.2 shows the contours of the Gibbs free
energy AG(P, T) versus pressure and temperature for chymotrypsinogen. Note
that at moderate pressure levels (< 150 MPa), the temperature of heat denatura-
tion increases slightly with pressure. Hence, applying pressure to the thermally
denatured protein may actually drive the protein back into the native state. Upon
further increasing the pressure, however, unfolding may occur again. In other
words, the denatured phase is re-entered, irrespective of the fact that the pressure
is monotonously changed. Phase diagrams with this property are called “re-
entrant.” A similar behavior is found if the temperature is changed. For instance,
if one starts out at sufficiently high pressure levels (200 MPa) in the denatured
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Fig. 5.3. Phase boundaries (Au = 0) of myoglobin at various
pH values, the native state is stable inside the contours, the
denatured state outside (after Zipp and Kauzmann [18]).

state and lowers the temperature, one enters the native regime which is, however,
left again at even lower temperatures to re-enter the denatured regime again. This
latter transition is called “cold denaturation”.

Re-entrant phase diagrams of perfect elliptical shape have been observed for lig-
uid crystals by Cladis et al. [15] and by Klug and Whalley [16]. The elliptical shape
was analyzed in detail by Clark [16].

In 1973, Zipp and Kauzmann, in a seminal paper, investigated the pressure—
temperature—pH phase diagram of myoglobin [18]. They also observed re-entrant
behavior, but did not attempt to fit the phase boundaries using ellipses. Depending
on pH, the boundaries vary strongly in shape and show nonelliptical distortions, as
shown in Figure 5.3.

In recent years, a significant number of studies have suggested diagrams of
elliptical shape for protein denaturation or for even more complex units, such as
bacteria [19].

The stability phase diagram of proteins and related phenomena have been dis-
cussed in several review articles [20, 21, 22].

Our goal is to eludicate the physical basis and thermodynamics of re-entrant pro-
tein phase diagrams, the conditions for elliptical shapes, and the limitations of this
approach.

5.3
Thermodynamics of Pressure—Temperature Phase Diagrams

The phase equilibrium between the native and the denatured state N = D is con-
trolled by the difference in the chemical potentials Ay = up — uy. The ratio of con-
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centrations of the denatured to the native form assuming a dilute solution is given

by:
Kpn = ¢p/en = exp(—Au/RT) (1)

The chemical potential is the driving force that induces transport and transfor-
mations of a substance. It is analogous to the electrical potential, which can only
induce currents because of charge conservation. Since the concentration of compo-
nents, water, and protein is fixed (only pressure and temperature are varied), we
restrict ourselves to one-component systems. The change dy; with temperature
and pressure obeys the Gibbs—Duhem relation for each phase D and N:

d:uN = *SN dT+ VN dP = 7RTd(11’1 CN/C())

2

d,uD = —SD dT+ VD dpP = —RTd(ll’l CD/C()) ( )
where Sy, Sp and Vy, Vp are the partial molar entropy and volume of the protein
in solution in the native and denatured phase, respectively. Since entropy and vol-
ume are generally positive quantities, the chemical potential always decreases with
increasing temperature, while it increases with increasing pressure, as shown in
Figures 5.4 and 5.6. The potentials of two phases, differing in entropy, will thus
cross at a particular temperature where a transition to the phase with the lower po-
tential occurs. A similar change in phase will take place with pressure when the
volumes of the two phases differ. Thus the more compact phase will be stable at
high pressure.

chemical potential (kJ mol™)

Tc Th N
4 - T T T
260 280 300 320 340 360
temperature / °K

Fig. 5.4. The chemical potentials of the ASc =14 ) K" mol™", AC, =75 ) K™" mol ™.
denatured (D) and the native (N) state of Tw, Tc, and Ty are the temperatures for heat
myoglobin and the resulting Au per mole denaturation, for cold denaturation and for
of amino acid residue. Parameters [25]: maximum stability.

Aptgy = —0.2 k) mol™', Apgp = 0.2 k] mol ™!,
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Fig. 5.5. a) Schematic representation of the b) The phase boundary as schematically
difference Au = up — uy of the chemical deduced from the various pairs of points with
potential as a function of temperature for Au = 0 of Figure 5.5a for negative values of

various pressures as deduced from Figure 5.4. AV = Vp — Vy.

For proteins in particular, Sp > Sy at higher temperature because of an excess in
configurational entropy of the unfolded chain. Thus up, has the more pronounced
temperature dependence and will fall below gy at Ty, the heat denaturation tem-
perature. For myoglobin it is suggested in Figure 5.4 that the peculiar thermo-
dynamic behavior of proteins arises from the strongly temperature-dependent
entropy of the unfolded phase: The slope of up(T) and thus the entropy Sp(T)
decreases with decreasing temperature.

On a microscopic scale this reflects the ordering force of nonpolar groups on sur-
face water molecules. Since the corresponding hydrophobic effect is less pro-
nounced in the native state, Sy is expected to be almost temperature independent.
This discrepancy explains why the potential surfaces up and z meet again at Tg,
the cold denaturation temperature, as shown in Figure 5.4. The chemical potential
difference, Au = up — uy, consequently assumes the shape of a convex curve,
which is close to an inverted parabola with the maximum at Ty, the temperature
of maximum stability (Figure 5.5).

Changes in pressure displace the difference potential surface Au vertically, de-
pending on the unfolding volume AV as shown in Figure 5.5a.

Since the phase transition occurs at constant chemical potential, Au(P, T) = 0,
or ¢y = cp, while pressure and temperature are varied, one derives, from Eq. (2), a
differential equation for the phase boundary, the Clausius—Claperon equation:

(dP/dT),,_o = AS/AV (3)

where AS = Sp — Sy and AV = Vp — Vy can depend on T and P. The phase
boundary (Figure 5.5b) will assume the shape of an inverted parabola if the unfold-
ing volume AV is negative and constant in P and T. For positive unfolding volumes
a regular parabola, open to the high pressure side, would be obtained excluding
denaturation by pressure.
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The latent quantities AS and AV are composed of intrinsic contributions of the
protein and those of the hydration shell, while the values of bulk water in both
phases cancel.

The entropy difference reflects mainly the increase in configurational entropy of
the chain, ASc, and the entropy change ASy in the hydration shell, due to expo-
sure of buried residues. The same reasoning applies to the latent volume. Hence,
we can write:

AS = ASc + ASy

(4)
AV = AVc + AVy

We argue that the closed phase boundaries displayed in Figures 5.2 and 5.3 are
the consequence of the variation of ASy and AVy with temperature and pressure
due to the hydrophobic effect. Exposure of nonpolar groups upon unfolding tends
to immobilize water molecules, thereby decreasing their entropy. This mechanism
is strongly temperature dependent. Its experimental signature is the positive heat
capacity increment at constant pressure, AC, > 0, of the denatured relative to the
native form. In simple terms, to increase the temperature of the unfolded phase
requires additional entropy to continuously melt the immobilized water [8-10, 23,
24]. However, above a certain temperature, T, approximately 140 °C, the ordering
effect has vanished.

Below T, the hydration entropy change, ASy(T, Ty), is rapidly decreasing with
decreasing temperature. Assuming AC, to be approximately independent of tem-
perature, one obtains for the change in “hydration entropy” [25]:

T
ASu(T) = J A—?’dT — _AG ~ln(%) 5)
To

and thus from Egs (2)-(5):

A= Aty — (T = Tp) - [ASc — ACy In(Ty/T)] + AV - P (6)
The hydration term oc AC, is always negative below Ty, stabilizing the denatured
form. This is known as the “wedging effect” of water, which softens the native

structure. The combined entropy difference AS vanishes at the maximum of Ay,
at the temperature of maximum stability Ty (Figure 5.4):

(6Aﬂ/aT)T:TM =-A5=0 (7)

At Ty the negative hydration entropy ASy just compensates for the positive config-
urational term ASc:

ASc = AC, In(Ty/Ty) (8)
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AS in Eq. (7) depends on pressure and temperature according to:
dAS(P,T) = (0AS/0T)dT + (0AS/0P)dP = (AC,/T) -dT — Aup-dP =0 (9)

where we have introduced the volume expansion increment Agp =
(aAv/aT)P:const'

Equation (9) defines the slope of a boundary AS(T, P) = constant in the P-T
plane:

(dP/dT) = AC,/(T - Aap) (10)

AS=const

The special AS = 0 line, separating regions of positive and negative transition en-
tropies, is fixed by the condition (dP/dT),,_, = 0 as shown in Figure 5.11. Since
the slope in Figure 5.11 is positive and since both AC, and AV are positive, it fol-
lows that Acp > 0. Integrating Eq. (10) yields the effect of pressure on the temper-
ature of maximum stability:

TM = TMO . exp(P . AO(P/ACP) (11)

For reasonably low pressures one has for the AS=0 line: Ty ~Two-
(1+ P- Axy,/AC,). Expanding the entropic part of the chemical potential (Eq. (6))
about Ty & Ty yields an approximate parabola in T with negative curvature (Fig-
ure 5.5a):

A(T, P) = Apyg — JAC, - (T — Tm)*/T + AV - P = —RT In(cp/on) (12)

For AV < 0, increasing pressure diminishes the stability range of the native state.
If AV is constant, one obtains the parabolic pressure—temperature phase diagram,
P(T),—0, shown in Figure 5.5b.

Experimental data, like those shown in Figure 5.2, 5.3, and 5.11 suggest a re-
entrant phase behavior not only as a function of temperature but also as a function
of pressure. This leads to a closed or “ellipsoidal” phase boundary with AV de-
pending on pressure and temperature. The volume of the denatured form, i.e. the
slope of up(P), in Figure 5.6 increases with decreasing pressure. Thus a second
crossing of the D—N potentials may occur at low or even negative pressure denoted
by Pr. Thus the unfolded protein is more easily stretched than the compact native
state. Moreover, near P = 0, a pressure increase will stabilize the native state. In
analogy to the temperature (Eq. (7)) we can define a pressure of maximum stabil-
ity, Py, according to:

(0Aw/P)p_p, = AV =0 (13)

Combining Eqs (4) and (13) shows that the changes in configurational and hydra-
tion volume cancel at P = Py. The small observed unfolding volumes may result
from such compensation effects. Equation (13) allows determination of the
AV(P,T) = 0 line, separating regions of positive and negative volume changes:
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Fig. 5.6. Effect of pressure on the chemical protein, which leads to a crossing at high
potential u(=+4) for the parameters of cytoc- pressure Py. A second crossing occurs at
hrome ¢ at 280 K (Table 5.1 and Eq. (12, 17)).  negative pressure P,. Py is the pressure of
The volume of the denatured state decreases ~ maximum stability.

with pressure to below the value of the native

(0AV/0T)dT + (0AV/dP)dP = Aap - AT — APy - dP = 0 (14)
thus
(dP/dT)AV:const = AO‘P/A/[)IT (15)

The AV = 0 line follows from the additional condition: (dP/dT),,_, = oc. For the
pressure of maximum stability one obtains:

Py = Py + (Aap /APr)(T — Tr) (16)

Apr denotes the increment in the compressibility coefficient: Afr = —(0AV/dP).
T, denotes an unspecified reference temperature. For second-order phase transi-
tions, sometimes associated with molten globule denaturation [26, 27], there is no
discontinuity in the extensive quantities.

Equations (9) and (14) then become the so-called Ehrenfest equations:
(dP/dT) -0 = (dP/dT)py—g

For most proteins cold denaturation occurs at subzero temperatures in the
unstable or supercooled region of the water phase diagram. For this reason cold
denaturation was formerly considered to be irrelevant to protein science. Similarly,
low-pressure denaturation at Pp(T) occurs for most proteins in a large temperature



5.3 Thermodynamics of Pressure—Temperature Phase Diagrams

range where pressure is negative. Liquids under tension are unstable, although
metastable states can exist, since the creation of a new liquid—gas interface involves
the crossing of an energy barrier. The first experiments were performed by Berthe-
lot in 1850 using a spinning capillary [28]. Stretched states of water at pressures as
low as —280 bars have been observed using the same method [29]. Unfolding ex-
periments with protein solutions at negative pressures still need to be performed.
The folding of unstable proteins such as nuclease conA remains incomplete at pos-
itive pressure, while negative pressure may further stabilize the native state [30]. At
sufficiently high temperature, low-pressure denaturation may occur in the positive
range (Figure 5.11) and in this case it is easily accessible experimentally.

Pressure- and temperature-dependent transition volumes originate from finite
increments in the partial compressibility Af; and the volume expansion coefficient
Aop. Expanding the latent volume AV about a reference point (T, P,) yields:

AV(P,T) = AV, — Afr- (P —P,) + Awp - (T — T) (17)

The major part of the change in the compressibility upon global transformations of
proteins is due to hydration processes [31]. The greater the hydration, the smaller
the partial compressibility of protein and hydration shell. This is the rule for pro-
tein solutions at normal temperature and pressure. For native proteins the intrin-
sic compressibility is as low as that of organic solids [32—34]. The outer surface
contribution to the measured partial compressibility is quite negative. Thus com-
plete unfolding leads to a considerable decrease in the partial compressibility due
to the loss of intramolecular voids and the expansion of the surface area contacting
the bulk water [35]. In this low pressure/high temperature regime Af is negative,
while Aop is mostly positive. This results in a positive unfolding volume (Eq. (17))
as indicated in Figure 5.6. Consequently moderate pressures stabilize the native
state. A number of studies suggest that high-pressure denaturation leads to incom-
plete unfolding and structures resembling those of molten globule states (MG) [5—
7, 36]. The N — MG transition is generally accompanied by an increase in com-
pressibility. The tendency towards a positive Af; at higher pressures due to partial
unfolding may lead to the observed negative unfolding volumes. Combining Eqs
(12) and (17), the phase boundary Au(T, P) = 0 with respect to a reference point
(T, Py) assumes the form of a second-order hyperface:

—AC, (T~ T)*/T —iABr- (P = P)> + Awp - (T~ Ty) - (P — P,)
—AS; (T —T.)+ AV, (P—P,) + A, = 0 (18)
For approximately constant increments AC,, Ay, Aup, the phase boundary as-

sumes parabolic (A = 0), hyperbolic or closed elliptical shapes. The basic condi-
tion to obtain an elliptical phase diagram is given by:

(AGy)(ABr) — (Aap)® >0 (19)
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Since experiments show that AC, > 0, Eq. (19) requires the compressibility change
to be positive: A+ > 0. A hyperbolic shape would imply a negative left-hand side
in Eq. (19). Thus far only elliptical diagrams, in some cases with distortions (e.g.,
Figure 5.3) have been discussed. A complete solution would require data in the
range where pressure is negative: the data shown in Figure 5.2 are also consistent
with a parabolic shape.

5.4
Measuring Phase Stability Boundaries with Optical Techniques

5.4.1
Fluorescence Experiments with Cytochrome ¢

Protein denaturing processes can be investigated with many techniques. The most
convenient ones concerning the determination of the whole stability diagram are
spectroscopic techniques. Almost all methods have been used: IR, Raman, NMR,
absorption and fluorescence spectroscopy. However, data covering complete phase
diagrams are quite rare. Some of them were reviewed above. The various techni-
ques have their specific advantages as well as disadvantages. For instance, with vi-
brational spectroscopy one obtains information on structural changes such as the
weakening of the amide I band [20, 21, 37, 38], with NMR one obtains information
on hydrogen exchange and the associated protection factors [6] from which conclu-
sions on structural details of the denatured state can be drawn. However, as a rule
no information on the structure disrupting mechanism under pressure is ob-
tained. The situation with absorption and fluorescence spectroscopy is different.
In optical spectroscopy it is the spectral position and the linewidth of an electronic
transition that is measured. From these quantities it is, as a rule, quite difficult to
extract any structural information. On the other hand, one obtains detailed infor-
mation on the interaction of the electronic states with the respective environment.
Since these interactions are known in detail, it is possible to extract from their be-
havior under pressure and temperature changes information on the mechanism of
phase crossing.

Compared with other spectroscopic techniques, fluorescence spectroscopy is also
the most sensitive. Hence, it is possible to work at very low concentration levels so
that aggregation processes can easily be avoided. In most experiments tryptophan
is used as a fluorescent probe molecule. With chromoproteins this is, generally
speaking, impossible since fast energy transfer to the chromophore quenches the
UV fluorescence to a high degree. In the following we describe fluorescence experi-
ments on a cytochrome c-type protein in a glycerol/water matrix [39]. The native
heme iron was substituted by Zn in order to make the protein strongly fluorescent
in the visible range. As a short notation for this protein we use the abbreviation
Zn-Cc.

The set-up for a fluorescence experiment is simple and is shown in Figure 5.7.

The sample is in a temperature- and pressure-controlled diamond anvil cell.
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Fig. 5.7. Sketch of a fluorecence experiment for measuring the phase diagram of proteins.

Pressure can be varied up to about 2 GPa. Its magnitude is determined from the
pressure shift of the ruby fluorescence, for which reference values can be taken
from the literature [40]. The temperature is controlled by a flow thermostat be-
tween —20 °C and 100 °C. Excitation is carried out into the Soret band at 420 nm
with light from a pulsed dye laser pumped by an excimer laser. The fluorescence is
collected in a collinear arrangement, dispersed in a spectrometer and detected via a
CCD camera. The quantities of interest for measuring the protein stability phase
diagram are the spectral position and the width of the S; — Sy 00-transition (587
nm, Figure 5.8). Generally speaking the spectral changes for Zn-Cc are rather
small. Nevertheless the measured changes of the spectral shifts and widths are ac-
curate within about 3%. Figure 5.8 shows the fluorescence spectrum of Zn-Cc be-
tween 550 and 700 nm as it changes with pressure. The sharp line around 695 nm
is the fluorescence from ruby.
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Fig. 5.8. Fluorescence spectrum of Zn- changes of the first and second moment of the
cytochrome ¢ in glycerol/water at ambient 00-band at 584 nm. The fluorescence from

temperature as it changes with pressure. The  ruby is shown as well. It serves for gauging the
stability diagram was determined from the pressure.
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Figures 5.9 and 5.10 show typical results for the changes in the first and second
moment (position of the maximum and width) of the 00-band under pressure and
temperature variation.

If pressure is increased the band responds with a red shift, although a very small
one (Figure 5.9). Around 0.75 GPa the red shifting regime changes rather abruptly
into a blue shifting regime which levels off beyond 1 GPa. A qualitatively similar
behavior is observed for the band shift under a temperature increase: a red shifting
phase (in this case more pronounced) is followed by a blue shifting phase (Figure
5.10). Quite interesting is the behavior of the bandwidth: An increase of pressure
leads to a rather strong increase in the width (Figure 5.9). This is the usual behav-
ior and just reflects the fact that an increase in density results in an increase in the
molecular interactions due to their strong dependence on distance. However, if the
pressure is increased beyond about 0.9 GPa, the band all of a sudden narrows. This
narrowing levels off beyond about 1 GPa. As can be seen from the figure, the max-
imum in the bandwidth coincides with the midpoint of the blue shifting regime.
The thermal behavior of the bandwidth is different (Figure 5.10): There is no nar-
rowing phase, but there is kind of a kink in the increase of the bandwidth with
temperature around 65 °C. Again, this change in the thermal behavior of the width
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Fig. 5.10. The behavior of the first and second moment of the
fluorescence under temperature variation at ambient pressure.

coincides rather well with the midpoint in the thermally induced blue shifting
phase.

For measuring the complete phase diagram we performed a series of pressure
scans from ambient pressure up to about 1.5 GPa at various temperatures and a
series of temperature scans from a few centigrades up to about 90 °C at various
pressure levels. The respective pattern of the changes of the fluorescence always
showed the sigmoid-like behavior as discussed above. We associate the midpoint
of the blue shifting regime with the stability boundary between the native and the
denatured state of the protein due to reasons discussed below.

The complete stability diagram is shown in Figure 5.11. The solid line represents
an elliptic least square fit to the experimental points. The two solid lines AS =0
and AV = 0 cut the stability diagram at points where the volume and the entropy
difference change sign (see also Eqs (11) and (16)). For instance, for all data points
to the left of the AS = 0 line the entropy in the denatured state Sp is smaller than
Sy, the entropy in the native state (see below).

Figures 5.12 and 5.13 show specific features of the fluorescence behavior which
we want to discuss separately. Figure 5.12 shows the behavior of the first and sec-
ond moment for cold denaturation at ambient pressure. The point which we want
to stress is that the band shift no longer reflects the qualitative change in its behav-
ior. Instead, we observe a blue shift which increases in a nonlinear fashion with
decreasing temperature. From such a behavior it is hard to determine a transition
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point. The bandwidth, on the other hand, shows a quite unusual behavior: it nar-
rows with decreasing temperature, but around —3 °C it runs through a minimum
and starts broadening upon further decreasing the temperature. The unusual be-
havior concerns the broadening with decreasing temperature. This broadening ob-
viously originates from an additional state which becomes populated below —3 °C.
Naturally, this state must be the denatured state of the protein. Hence, we associate
this minimum in the bandwidth with the stability boundary.

The temperature dependence of the moments in Figure 5.13 follows a rather
complex pattern. This pattern comes from the re-entrant character of the phase di-
agram which has been stressed in Section 5.2. At a pressure level of 0.7 GPa, the
protein is denatured to a high degree if the temperature is below around 10 °C (see
Figure 5.11). Hence, upon increasing the temperature, the protein enters the stable
regime. This is most clearly reflected in a narrowing of the bandwidth due to the
fact that the denatured state becomes less and less populated At the same time the
band maximum undergoes a red shift in line with the observation that the dena-
tured state is blue shifted from the native one. However, around 25 °C the red
shifting phase turns into a blue shifting phase, signaling that the protein re-enters
the denatured regime. The bandwidth data support this conclusion. Interestingly,
the data convey the impression that there are more than just two transitions in-
volved; their nature, however, is not clear.
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5.5
What Do We Learn from the Stability Diagram?

5.5.1
Thermodynamics

The eye-catching feature in Figure 5.11 is the nearly perfect elliptic shape of the
stability diagram in agreement with the simple model developed in Section 5.3.
The elliptic shape implies that the characteristic thermodynamic parameters of
the protein, namely the increments of the specific heat capacity, the compressibility
and the thermal expansion are rather well-defined material parameters, i.e., do
not significantly depend on temperature and pressure. In addition, since the model
is based on just two states, we conclude from the elliptic shape that the protein
investigated, namely Zn-Cc, can be described as a two-state folder. Applying the
Clausius—Clapeyron equation (Eq. (3)) to the elliptic phase boundary, we see that
there are distinct points characterized by (dP/dT),,_, = o0 and by (dP/dT),,_, =
0. The former condition separates the regime with positive AV from the regime
with negative AV. The latter one separates the regime with positive AS from the
regime with negative AS (Eqs (7) and (13)).

Let us consider thermal denaturation at ambient pressure. AS is definitely posi-
tive because the entropy of the chain increases upon denaturation and the entropy
of the solvent increases as well. Since the slope of the phase boundary is positive,
AV must be positive, too. However, moving along the phase boundary, we even-
tually cross the AV = 0 line. For all points above that line, AV is negative. In other
words: application of pressure destabilizes the native state and favors the dena-
tured state. Below the AV = 0-line, AV is positive. Accordingly, application of pres-
sure favors the native state.

In a similar way, for all points to the right of the AS = 0 line, AS is positive. A
positive entropy change upon denaturation is what one would straightforwardly ex-
pect. However, to the left of the AS = 0 line, the entropy change is negative, mean-
ing that the entropy in the denatured state is smaller than in the native state. As
was discussed above, the negative entropy change is due to an upcoming ordering
of the hydration water as the temperature is decreased: The exposure of hydropho-
bic groups causes the water molecules in the hydration shell to become more and
more immobilized due to the formation of a stronger hydrogen network. Right at
the point where the AS = 0 line cuts the phase diagram, the chain entropy and the
entropy of the hydration shell exactly cancel, as we have stressed above.

There is another interesting outcome from the elliptic shape of the phase dia-
gram: Eq. (19) tells us that the change in the compressibility upon denaturation
has to have the same sign as the change in the specific heat. The change in the
specific heat is positive meaning that the heat capacity is larger in the unfolded
state. As outlined above, this is due to the fact that an increase of the temperature
in the denatured state requires the melting of the ordered immobilized hydration
shell. Accordingly, Af has to be positive, meaning that the compressibility in the
denatured state is larger than in the native state. As to the absolute values of
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the thermodynamic parameters which determine the phase diagram, they can be
determined only if one of the parameters is known. In the following section we
will show how the equilibrium constant can be determined as a function of tem-
perature and pressure and how this can be exploited to extract the thermodynamic
parameters on an absolute scale.

5.5.2
Determination of the Equilibrium Constant of Denaturation

The body of information that can be extracted from the thermodynamics of protein
denaturation reveals surprising details. However, it should be stressed again that
all the modeling is based on two important assumptions, namely that folding and
denaturing is described within the frame of just two states, N and D, and that these
two states are in thermal equilibrium. Neither of these assumptions is straightfor-
ward. It is well known that the number of structural states, even of small proteins
is, is extremely large [41-47] and the communication between the various states
can be very slow so that the establishment of thermal equilibrium is not always
ensured. We understand the two-state approximation on the basis of a concept
which we call “state lumping.” In simple terms this means that the structural
phase space can be partitioned into two areas comprising, on the one hand, all
the states in which the protein is functioning and, on the other hand, the area in
which the protein is dead. We associate the native state N and the denatured state
D with these two areas. In order for the “state lumping” concept to work, the im-
mediate consequence is that all states within the two and between the two areas
are in thermal equilibrium. Whether this is true or not can only be proven by the
outcome of the experiments.

For Zn-Cc this concept seems to hold sufficiently well. In our experiments, typi-
cal waiting times for establishing equilibrium were of the order of 20 minutes. In
order to make sure that this time span is reasonable, we measured for some points
on the phase boundary also the respective kinetics. However, we also stress that at
high pressures and low temperatures (left side of the phase diagram, Figure 5.11)
we could not get reasonable data and we attributed this to the fact that equilibrium
could not be reached within the experimental time window.

Assuming that equilibrium is established and the two-state approximation holds
with sufficient accuracy, we can determine the equilibrium constant as a function
of pressure and temperature from the fluorescence experiments and from the fact
that the phase diagram has an elliptic shape. We proceed in the following way: The
fluorescence intensity F(4) in the transformation range is a superposition from the
two states N and D with their respective fluorescence maximum at Ay and Ap:

F(2) = pnax exp—(4 — Ax)?/20x%] + ppap exp[— (4 — /p)*/20p? (20)
where py and pp are the population factors of the two states N and D, ay and ap

are the respective oscillator strengths. Changes of the temperature or the pressure
of the system cause a change in the population factors py and pp which, in turn,
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leads to a change in the first moment of F(1), that is in the spectral position of
the band maximum, Zp.. As to Zn-Cc, we can make use of some of its specific
properties: First, the chromophore itself is quite rigid, hence, it is not likely af-
fected by pressurizing or heating the sample. Accordingly, it is safe to assume
that the oscillator strengths in the native and in the denatured state are not signifi-
cantly different from each other. Second, the spectral changes induced by varying
the temperature or the pressure are rather small compared to the total width of
the long wavelength band (Figure 5.8). In addition, the wavelengths Ay and /ip are
rather close and well within the inhomogeneous band. As a consequence, the ex-
ponentials in Eq. (20) are roughly of the same magnitude irrespective of the value
of /. Along these lines of reasoning, Am.x is readily determined from the condition

dF/d) = 0:
/lmax = pN(T7 P)/IN + pD(Ty P)/ID = pN(Tv P)MN - )”D} - )“D (21)

The last term on the right hand side of Eq. (21) holds because we restrict our eval-
uation to an effective two-state system. According to the above equation, the band
maximum in the transition region is determined by a population weighted average
of Ay and Ap. Since Ay and Ap depend on pressure and temperature themselves, we
have to determine the respective edge values in the transition region. How this is
done is shown in Figure 5.14 for thermal denaturation at ambient pressure. Simi-
lar figures are obtained for any parameter variation. Having /. as a function of
pressure or temperature from the experiment and knowing the respective edge
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Fig. 5.14. Determination of the edge values Ay and /p.
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values Ay and Ap, the population factors py and pp can readily be evaluated as a
function of pressure and temperature using Eq. (21). From the population factors
the equilibrium constant K follows immediately:

KDN(T7 P) = [l_PN(T7 P)]/pN(T7 P) (22)

Once K is known, Au (or, equivalently, AG mol 1) can be determined as a function
of pressure and temperature from Eq. (1). For a fixed pressure, say pi, Au(T, P;)
forms an inverted parabola in T, as was shown in Section 5.3. The same is true
for Au(P, Ti). So we determined Au(T) and Au(P) by fitting parabolas to the few
data points (Figures 5.15 and 5.16) under the constraints that both branches of
these parabolas have to go through the phase boundaries of the stability diagram
(Figure 5.11). From the first and second derivative of Ax with respect to tempera-
ture and pressure all the thermodynamic parameters, namely AV(T, P),AS(T, P),
ACy, Ap and Aw, can be determined. For Zn-Cc this parameters are listed in Table
5.1. We took AC, from the equilibrium constant because it seems to be the most
accurate parameter (Figure 5.15). As a matter of fact our value is rather close to
what was measured by Makhatadze and Privalov for unfolding native cytochrome
¢ [10]. All the other parameters are determined from the phase diagram. Note that
Ap has the same sign as AC,,, as required for an elliptic shape of the diagram.
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5.5.3
Microscopic Aspects
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Pressure dependence of the difference in the Gibbs free energy AG.
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Having determined the complete set of thermodynamic parameters which govern

denaturation of Zn-Cc, we may now proceed with exploring the microscopic driv-
ing forces of denaturation. We stress that the pattern in the behavior of the first
moment of the fluorescence 00-transition is qualitatively very similar for thermal
and pressure denaturation: A red shifting regime upon an increase in both param-
eters is followed by a blue shifting regime which signals the onset of the transfor-

mation range. The solvent shift of an optical transition is mainly determined by

Tab. 5.1.
Zn-cytochrome c.

Thermodynamic parameters for the denaturation of

Parameters From the fit
AC, (k] mol~! K1) 5.87

Ap (cm? mol~! GPa™!) 148.1

Az (cm? mol~! K1) 0.139
AV (0.91 GPa, 298 K) (cm? mol 1) —74.6

AS (0.91 GPa, 298 K) (k] mol* K1) ~0.263
AV (0.1 MPa, 333 K) (cm? mol 1) 65.0

AS (0.1 MPa, 333 K) (k] mol~! K1) 0.530
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two types of interactions, namely the dispersive and the higher order electrostatic
interaction (dipole—induced dipole). Both types of interaction are very short ranged.
They fall off with distance R as R~°. From the pioneering papers by Bayliss, McRae
and Liptay [48-50], it is well known that the dispersive interaction is always red
shifting because the polarizability in the excited state is higher than in the ground
state. However, electrostatic interactions can cause shifts in both directions, to the
red as well as to the blue, depending on how the dipole moment of the chromo-
phore changes in the excited state compared with the ground state Accordingly, in
the blue shifting regime, the electrostatic interaction of the probe with its environ-
ment obviously increases compared with the dispersive interaction. As a conse-
quence, we conclude that polar groups with a sufficiently large dipole moment
have to come close to the chromophore to induce this shift.

As to thermal denaturation, such an interpretation seems to fit quite well into
the scenario. Baldwin [23], for instance, could show that thermal denaturation of
a protein is remarkably well described in analogy to the solvation of liquid hydro-
carbons in water. This “oil droplet model” accounts for the temperature depen-
dence of the hydrophobic interaction: The entropic driving force for folding, which
comprises the major part of the hydrophobic interaction, decreases as the temper-
ature increases. This driving force is associated with the formation of an ordered
structure of the water molecules surrounding the hydrophobic amino acids. At suf-
ficiently high temperature this ordered structure melts away so that the change of
the unfolding entropy of the polypeptide chain takes over and the protein attains a
random coil-like shape [5]. Since a random coil is an open structure, the chromo-
phore may now be exposed to water molecules. Water molecules have a rather high
permanent dipole moment, hence, may become polarized through the electrostatic
interaction with the chromophore. Along these lines of reasoning, it seems
straightforward that the observed blue shifting regime of the fluorescence in the
thermal denaturation of Zn-Cc comes from the water molecules of the solvent.
However, as was pointed out by Kauzmann [51], the “oil droplet model” has severe
shortcomings, despite its success in explaining the specific features of thermal de-
naturation. It almost completely fails in explaining the specific features of pressure
induced denaturation. Pressure denaturation is governed by the volume change
AV (Section 5.3). In this respect hydrophobic molecules behave quite differently
from proteins: AV for protein unfolding is negative above a few hundred MPa
(see, for instance, Figure 5.11 and discussions in Sections 5.3 and 5.5.1), whereas
it is positive in the same pressure range for transfering hydrophobic molecules
into water. There are two possible consequences: Either the “oil droplet model” is
completely wrong, or the pressure denatured state is different from the thermally
denatured state.

Indeed, Hummer and coworkers could show that the latter possibility is true [52,
53]. On the basis of their calculations they suggested that, as pressure is increased,
the tretrahedral network of H-bonds in the solvent becomes more and more frus-
trated so that the pressure-induced inclusion of water molecules within the hydro-
phobic core becomes energetically more and more favorable. As a consequence, the
contact configuration between hydrophobic molecules is destabilized by pressure
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whereas the solvent-separated contact configuration (a water molecule between two
hydrophobic molecules) is stabilized. In simple words this means that water is
pressed into the protein, the protein swells but does not completely unfold into a
random coil conformation but rather seems to retain major parts of its globular
shape. The important conclusion is that pressure denaturation is based on the
presence of water. Larger solvent molecules, such as glycerol, can obviously not
penetrate the protein, hence may act as stabilizing elements against pressure [54].

It seems that this view on the microscopic aspects of pressure denaturation is
convincingly supported by our experiments: First, we stress again that the general
pattern in the variation of the first moment with pressure is very similar to the
respective variation with temperature. Since, in the latter case, we attributed this
pattern to water molecules approaching the chromophore, it is quite natural to
associate the pressure-induced pattern with the same phenomenon. Second, the
magnitude of the change in the first moments is about the same for thermally
and pressure-induced denaturation. Accordingly, the change in the respective inter-
action has to be very similar. This means, that, on average, the number and the
distances of the additionally interacting water molecules have to be the same.

In order to get additional support for this reasoning we performed pressure
tuning hole burning experiments [55]. With these experiments it is possible to
estimate the size of an average interaction volume of the chromophore with its en-
vironment. We found that the respective radius is about 4-5 A. Accordingly, appli-
cation of high pressure forces water molecules from the hydration shell into the
interior of the protein where they fill the voids around the chromophore in the
heme pocket. High-pressure (0.9 GPa) MD simulations (M Reif and Ch Scharnagl,
in preparation) are in full agreement with this view of pressure denaturation.

Summarizing this section we state that fluorescence experiments in combination
with other optical experiments and computer simulations [22] provide a detailed
insight into the processes involved in pressure-induced protein denaturation.

554
Structural Features of the Pressure-denatured State

From the discussion above it is evident that pressure denaturation leads to a struc-
tural state which is different from the respective one obtained by thermal dena-
turation. It seems that many structural features of the native protein remain
preserved under pressure denaturation. Experimental evidence comes from NMR
experiments [6], but also from IR experiments [20, 21, 37, 38|.

Figure 5.17 shows another experiment [56], namely a neutron-scattering experi-
ment with myoglobin as a target from which the conservation of native structural
elements in the denatured state is directly seen. Myoglobin denatures at pH 7 in
the range between 0.3 and 0.4 GPa as judged from the optical absorption spectrum
of the heme group. The corresponding changes in the protein structure and at the
protein—water interface can be deduced from the neutron structure factor H(Q) of
a concentrated solution of myoglobin in D, O (Figure 5.17). Q denotes the length of
the scattering vector. The large maximum around Q = 2 A~! arises from O-O cor-
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Fig. 5.17.  Comparative neutron scattering myoglobin. The important feature is the partial
experiments at ambient pressure and at high persistence of the protein helical structure
pressure. Plotted is the neutron structure (peak at Q = 0.7A~") in the pressure-

factor H(Q) as a function of Q. Data are for denatured state.

relations of water near the protein interface. This maximum increases with density.
The smaller maximum near Q = 0.7 A~! reflects helix-helix correlations. The con-
trast is provided by the negative scattering length density of the protein hydrogen
atoms versus the positive scattering length density of C, N, and O. The most
remarkable feature is the persistence of this maximum above the transition at
0.45 GPa, indicating residual secondary structure in the pressure-unfolded form.

5.6
Conclusions and Outlook

Folding and denaturing processes of proteins are extremely complicated due to the
complex nature of the protein molecules with their huge manifold of structural
states. Hence, it is surprising that some of the characteristic features of equilib-
rium thermodynamics associated with the folded and denatured state are already
revealed on the basis of simple models. Most important in this context is the re-
duction of the folding and denaturing processes to just two essential states, namely
the native state and the denatured state. To reconcile this crude assumption with
the large structural phase space, we introduced the concept of “state lumping.”
Another important approximation concerns the vanishing higher (higher than
two) derivatives of the chemical potential, rendering pressure- and temperature-
independent state parameters (specific heat, compressibility, thermal expansion) to
the protein. The result of these simplifying assumptions is an elliptically shaped
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stability phase diagram, provided that the sign of the change in the specific heat
capacity and in the compressibility is the same.

Our experiments on the stability of a modified cytochrome ¢ in a glycerol/water
solvent showed an almost perfect ellipse from which the regimes with positive and
negative volume changes as well as positive and negative entropy changes could be
deduced. We tried to shed some light on the microscopic aspects responsible for
these regimes. A dominant force is the hydrophobic interaction which depends
not only on temperature but also on pressure [57]. The characteristic structural fea-
tures of the pressure-denatured state are different from the respective ones of the
thermally denatured state. In both cases, however, water molecules come very close
to the chromophore.

As to the open questions in context with the stability phase diagram, we refer to
the elliptic shape. So far only closed diagrams have been observed, and in most
cases an elliptic shape was an appropriate description. The question comes up
how general this observation is and what the microscopic implications are. Ad-
mittedly, up to now few experiments have measured the full diagram.

Another problem concerns negative pressure. From an experimental point of
view negative pressures as low as —200 bar seem to be feasible. Denaturation un-
der negative pressure, that is under conditions where the relevant interactions are
weakened, would add valuable information on pressure-induced denaturing forces.

Finally the role of the solvent has to be addressed in more detail. The solvent
may have a dramatic influence on the hydrophobic interaction, the size of the sol-
vent molecules may play an important role in all processes involving pressure, and,
last but not least, understanding the influence of the solvent may also shed light
on the behavior of membrane proteins.
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Weak Interactions in Protein Folding:
Hydrophobic Free Energy, van der Waals
Interactions, Peptide Hydrogen Bonds,
and Peptide Solvation

Robert L. Baldwin

6.1
Introduction

Hydrophobic free energy has been widely accepted as a major force driving protein
folding [1, 2], although a dispute over its proper definition earlier made this issue
controversial. When a hydrocarbon solute is transferred from water to a nonaqu-
eous solvent, or a nonpolar side chain of a protein is buried in its hydrophobic
core through folding, the transfer free energy is referred to as hydrophobic free en-
ergy. The earlier dispute concerns whether the transfer free energy can be legiti-
mately separated into two parts and the free energy of hydrophobic hydration
treated separately from the overall free energy change [3-5]. If the hydrophobic
free energy is defined as the entire transfer free energy [5], then there is general
agreement that transfer of the nonpolar solute (or side chain) out of water and
into a nonaqueous environment drives folding in a major way. A related concern
has come forward, however, and scientists increasingly question whether the ener-
getics of forming the hydrophobic core of a protein should be attributed chiefly to
packing interactions (van der Waals interactions, or dispersion forces) rather than
to burial of nonpolar surface area. This question is closely related to the issue of
whether the hydrophobic free energy in protein folding should be modeled by
liquid-liquid transfer experiments or by gas-liquid transfer experiments.

The energetic role of peptide hydrogen bonds (H-bonds) was studied as long ago
as 1955 [6] but the subject has made slow progress since then, chiefly because of
difficulty in determining how water interacts with the peptide group both in the
unfolded and folded forms of a protein. Peptide H-bonds are likely to make a sig-
nificant contribution to the energetics of folding because there are so many of
them: about two-thirds of the residues in folded proteins make peptide H-bonds
[7]. Peptide backbone solvation can be predicted from electrostatic algorithms but
experimental measurements of peptide solvation are limited to amides as models
for the peptide group.

This chapter gives a brief historical introduction to the “weak interactions in pro-
tein folding” and then discusses current issues. It is not a comprehensive review
and only selected references are given. The term ‘“‘weak interaction” is somewhat
misleading because these interactions are chiefly responsible for the folded struc-
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tures of proteins. The problem of evaluating them quantitatively lies at the heart of
the structure prediction problem. Although there are methods such as homology
modeling for predicting protein structures that bypass evaluation of the weak inter-
actions, de novo methods of structure prediction generally rely entirely on evaluat-
ing them. Thus, the problem of analyzing the weak interactions will continue to be
a central focus of protein folding research until it is fully solved.

6.2
Hydrophobic Free Energy, Burial of Nonpolar Surface and van der Waals Interactions

6.2.1
History

The prediction in 1959 by Walter Kauzmann [1] that hydrophobic free energy
would prove to be a main factor in protein folding was both a major advance and
a remarkable prophecy. No protein structure had been determined in 1959 and
the role of hydrophobic free energy in structure formation could not be deduced
by examining protein structures. The first protein structure, that of sperm whale
myoglobin, was solved at 2 A resolution only in 1960 [8]. On the other hand, the
predicted structure of the o-helix [9] given by Pauling and coworkers in 1951,
which was widely accepted, suggested that peptide H-bonds would prove to be the
central interaction governing protein folding. Peptide H-bonds satisfied the intu-
itive belief of protein scientists that the interactions governing protein folding
should be bonds with defined bond lengths and angles. This is not a property of
hydrophobic free energy.

Kauzmann [1] used the ambitious term “hydrophobic bonds,” probably aiming
to coax protein scientists into crediting their importance, while Tanford [10] intro-
duced the cautious term ‘“the hydrophobic effect.” “Hydrophobic interaction” has
often been used because a factor that drives the folding process should be an inter-
action. However, hydrophobic interaction is also used with a different meaning
than removal of nonpolar surface from contact with water, namely the direct inter-
action of nonpolar side chains with each other. The latter topic is discussed under
the heading “van der Waals interactions.” The term “hydrophobic free energy” is
used here to signify that nonpolar groups help to drive the folding process. Tanford
[10] points out that a hydrophobic molecule has both poor solubility in water and
good solubility in nonpolar solvents. Thus, mercury is not hydrophobic because it
is insoluble in both solvents. Early work leading to the modern view of hydropho-
bic free energy is summarized by Tanford [11] and a recent discussion by Southall
et al. [12] provides a valuable perspective.

6.2.2
Liquid-Liquid Transfer Model

Kauzmann [1] proposed the liquid-liquid transfer model for quantitating hydro-
phobic free energy. His proposal was straightforward. Hydrophobic molecules
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prefer to be in a nonpolar environment rather than an aqueous one and the free
energy difference corresponding to this preference should be measurable by parti-
tioning hydrocarbons between water and a nonaqueous solvent. Nozaki and Tan-
ford [13] undertook a major program of using the liquid-liquid transfer model to
measure the contributions of nonpolar and partially nonpolar side chains to the
energetics of folding. They measured the solubilities of amino acids with free o-
COO~ and «-NH;3™ groups, while Fauchere and Pliska [14] later studied amino
acids with blocked end groups, because ionized end groups interfere with the
validity of assuming additive free energies of various groups. They measured parti-
tioning of solutes between water and n-octanol (saturated with water), which is less
polar than the two semi-polar solvents, ethanol and dioxane, used by Nozaki and
Tanford [13]. Wimley et al. [15] used a pentapeptide host to redetermine the parti-
tion coefficients of the amino acid side chains between water and water-saturated
n-octanol and they obtained significantly different results from those of Fauchere
and Pliska. They emphasize the effect of neighboring side chains (“occlusion”) in
reducing the exposure of a given side chain to water. Radzicka and Wolfenden [16]
studied a completely nonpolar solvent, cyclohexane, and observed that the transfer
free energies of hydrocarbons are quite different when cyclohexane is the non-
aqueous solvent as compared to n-octanol.

In Figure 6.1 the transfer free energies of model compounds for nonpolar amino
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Fig. 6.1. Transfer free energies from cyclo- shown on the plot. Note that the transfer free
hexane to water compared with ones from energies between cyclohexane and n-octanol

cyclohexane to water-saturated n-octanol (data are more than half as large as those from
from Ref. [16]). The model solutes undergoing  cyclohexane to water.
transfer represent the amino acid side chains
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acid side chains are compared using either cyclohexane or n-octanol as the nonaqu-
eous solvent [16]. If different nonaqueous solvents may be used equally well to
model the hydrophobic core of a protein, then the transfer free energies of hydro-
carbons from cyclohexane to n-octanol should be small compared with the transfer
free energies from cyclohexane to water. Figure 6.1 shows this is not the case: the
transfer free energies measured between cyclohexane and n-octanol are more than
half as large as the ones between cyclohexane and water. Thus, these results pose
the first serious question about the use of the liquid-liquid transfer model: which
nonaqueous solvent should be used to model the hydrophobic core and how valid
are the results if no single solvent is a reliable model?

6.2.3
Relation between Hydrophobic Free Energy and Molecular Surface Area

A second important step in quantifying hydrophobic free energy was taken when
several authors independently observed that the transfer free energy of a nonpolar
solute is nearly proportional to the solute’s surface area for a homologous series of
solutes [17-19]. This observation agrees with the intuitive notion that the transfer
free energy of a solute between two immiscible solvents should be proportional to
the number of contacts made between solute and solvent (however, see Section
6.2.6). Lee and Richards [20] in 1971 developed an automated algorithm for mea-
suring the water-accessible surface area (ASA) of a solute by rolling a spherical
probe, with a radius equivalent to that of a water molecule (1.4A) (10A = 1 nm),
over its surface. Their work showed how to make use of the surface area of a solute
to analyze its hydrophobicity. Proportionality between transfer free energy and
ASA does not apply to model compounds containing polar side chains because po-
lar groups interact strongly and specifically with water.

A plot of transfer free energy versus ASA is shown in Figure 6.2 for linear
alkanes. The slope of the line for linear (including branched) hydrocarbons is 31
cal mol~* A=2 (1.30 ] mol~! nm~2) when partition coefficients on the mole fraction
scale [21] are used. Earlier data for the solubilities of liquid hydrocarbons in water
are used to provide the transfer free energies. In Figure 6.2 the transfer free energy
is nearly proportional to the ASA of the solute. The line does not pass through
(0,0), but deviation from strict proportionality is not surprising for small solutes
[22].

Hermann [22] points out that linear hydrocarbons exist in a broad range of con-
figurations in solution and each configuration has a different accessible surface
area. He also points out [17] that the transfer free energy arises from a modest dif-
ference between the unfavorable work of making a cavity in a liquid and the favor-
able van der Waals interaction between solute and solvent. Consequently, a moder-
ate change in the van der Waals interaction can cause a large change in the transfer
free energy. Tanford [10] analyzes the plot of transfer free energy versus the num-
ber of carbon atoms for hydrocarbons of various types, and discusses data for the
different slopes of these plots.
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Fig. 6.2. Transfer free energies of linear molarity scale and are corrected for the ratio of
alkanes (from 1 to 10 carbon atoms) from molecular volumes, solute/solvent, according
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hydrocarbon solubility in water. They are 6.3 are given in kcal mol™' to conform with the
plotted against water-accessible surface area literature on this subject. Note that the plots
(ASA in A?). Data are from Ref. [21]. The do not pass through 0,0 and note the larger
uncorrected transfer free energies (filled slope (47 cal mol~" A=2) of the corrected plot
circles) refer to the mole fraction scale while versus the uncorrected plot (31 cal mol™" A~2).

the corrected values (open circles) refer to the

6.2.4
Quasi-experimental Estimates of the Work of Making a Cavity in Water or
in Liquid Alkane

In modern solution chemistry, the solvation free energy of a solute is defined as its
transfer free energy from the gas phase into the solvent, when the appropriate
standard state concentration (1 M) is used in each phase, as specified by Ben-
Naim and Marcus [23]. Gas-liquid transfer free energies are used to analyze the
nature of liquid-liquid transfer free energies. The reason for adopting the 1 M
standard state concentration in both the gas and liquid phases is to ensure that
the density of the solute is the same in both phases at the standard state concentra-
tion. Then the transfer free energy gives the free energy change for transferring
the solute from a fixed position in the gas phase to a fixed position in the liquid
phase [23]. The solute in the gas phase can be treated as an ideal gas [24, 25|
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and the nonideal behavior of real gases at 1 M concentration can be omitted from
consideration.

Modern theories of solvation indicate that the gas—liquid transfer process can be
formally divided into two steps of an insertion model of solvation: see discussion
by Lee [24, 25] and basic theory by Widom [26]. In step 1 thermal fluctuations cre-
ate a cavity in the liquid with a size and shape appropriate for containing the sol-
ute. The structure of the liquid undergoes reorganization to make the cavity [24].
In step 2 the solute is inserted into the cavity, van der Waals interactions occur
between the solute and the solvent, and the solvent structure undergoes further re-
organization at the surface of the cavity. Lee [24] determines quasi-experimental
values for the entropy and enthalpy changes in the two steps of the insertion
model: (1) making a cavity in the liquid, and (2) inserting the solute into the cavity.
Experimental transfer data are used for each of five alkanes undergoing transfer
from the gas phase to the liquid phase, either to water or to neat liquid alkane.
The transfer thermodynamics then are combined with literature estimates for the
van der Waals interaction energies, obtained by Jorgensen and coworkers [27] from
Monte-Carlo simulations. The results give quasi-experimental estimates of the en-
thalpy and entropy changes in each step of the insertion model. Table 6.1 gives
these values for the free energy cost of making a cavity to contain the alkane solute
both in water and in liquid alkane. The 1977 theory of hydrophobic solvation by
Pratt and Chandler [28] divides the process of solvation into the two steps of cavity
formation and solute insertion, and the authors consider the rules for separating
the solvation process into these two steps. The two steps of dissolving an alkane
in water have also been simulated by molecular dynamics and the results analyzed
by the free energy perturbation method [29].

The following conclusions can be drawn from Lee’s data [24, 25]. (1) The work
of making a cavity in water is much larger than in liquid alkane and this difference

Tab. 6.1. Quasi-experimental estimates of the free energy of cavity formation and simulation-
based results for van der Waals interaction energies between solvent and solute®.

Hydrocarbon AG, (water) AG, (alkane) E,(water) E,(alkane)
Methane 20.4 9.6 -12.1 —14.7
Ethane 27.7 18.1 —20.1 —26.8
Propane 35.8 23.7 —27.6 —34.4
Isobutane 42.4 24.4 —32.7 —35.1
Neopentane 46.5 27.6 -36.0 —39.6

2Values in k] mol™'. AG, is the free energy cost of making a cavity in
the solvent to contain the hydrocarbon solute, from a study by Lee [24].
E, is the van der Waals interaction energy between solute and solvent;
values from Lee [24], based on parameters from a Monte-Carlo
simulation study by Jorgensen and coworkers [27]. For water as
solvent, conditions are 25 °C, 1 atm; for neat hydrocarbon as solvent,
either the temperature or pressure is chosen that will liquefy the
hydrocarbon.
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is the major factor determining the size of the hydrophobic free energy in liquid—
liquid transfer. For example, it costs 46.5 k] mol~! to make a cavity for neopentane
in water but only 27.6 k] mol~! in liquid neopentane. To understand hydrophobic
free energy, it is necessary first of all to understand the free energies of cavity for-
mation in water and in nonpolar liquids. The work of making a cavity in water is
large because it depends on the ratio of cavity size to solvent size [30, 31] and water
is a small molecule (see Section 6.2.7). It is more difficult to make a cavity of given
size by thermal fluctuations if the solvent molecule is small. (2) The work of mak-
ing a cavity in a liquid is chiefly entropic [24], while the van der Waals interactions
between solute and solvent are enthalpic. (3) The van der Waals interaction energy
between an alkane solute and water is nearly the same as between the alkane sol-
ute and liquid alkane (see Table 6.1). For example, the interaction energies between
neopentane and water versus neopentane and liquid neopentane are —36.0
k] mol~! and —39.6 k] mol~! [24]. Earlier, Tanford [32] used interfacial tensions
to show that the attractive force between water and hydrocarbon is approximately
equal, per unit area, to that between hydrocarbon and hydrocarbon. Scaled particle
theory predicts well the work of making a cavity either in water or in liquid alkane
[24], but it predicts only semi-quantitatively the enthalpy of solvent reorganization
for these cavities.

6.2.5
Molecular Dynamics Simulations of the Work of Making Cavities in Water

In 1977 a physico-chemical theory of hydrophobic free energy by Pratt and Chan-
dler [28] already gave good agreement between predicted and observed transfer
free energies of linear alkanes, both for gas-liquid and liquid-liquid transfer. Mo-
lecular dynamics simulations can be used to obtain the free energy cost of cavity
formation in liquids and the results are of much interest because they basically de-
pend only on the specific water model used for the simulations. It should be kept
in mind that the physical properties of water used as constraints when construct-
ing water models do not normally include surface tension, and consequently good
agreement between the predicted and known surface tension of water is not neces-
sarily to be expected. (For macroscopic cavities, the work of making a cavity equals
surface tension times the surface area of the cavity.) In 1982 Berendsen and co-
workers [33] determined the free energy of cavity formation in water for cavities of
varying size and compared the results to values predicted by scaled particle theory,
with reasonable agreement. Remarkably, the comparison with scaled particle
theory also gave a value for the surface tension of water close to the known value.
Because of the importance of the problem, simulations of cavity formation in water
by molecular dynamics continued in other laboratories (see references in [34]). An
important result is the development by Hummer and coworkers [34] of an easily
used information-theory model to represent the results for water in the cavity size
range of interest. Some applications of the information theory model are men-
tioned below.
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6.2.6
Dependence of Transfer Free Energy on the Volume of the Solute

Evidence is discussed in Section 6.2.3 that the transfer free energy is correlated
with the surface area (ASA) of the solute. Because it is straightforward to compute
ASA [20] from the structure of a peptide or protein, this correlation provides a very
useful means of computing the change in hydrophobic free energy that accom-
panies a particular change in conformation. In recent years, evidence has grown,
however, that the transfer free energy of a nonpolar solute depends on its size and
shape for reasons that are independent of hydrophobic free energy. In 1990
DeYoung and Dill [35] brought the problem forcibly to the attention of protein
chemists by demonstrating that the transfer free energy of benzene from liquid hy-
drocarbon to water depends on the size and shape of the liquid hydrocarbon mole-
cules. Section 6.2.2 reviews evidence that liquid-liquid transfer free energies de-
pend on the polarity (and perhaps on water content) of the nonaqueous solvent.
But in the study by DeYoung and Dill [35] the size and shape of the nonaqueous
solvent molecules affect the apparent hydrophobic free energy. A large literature
has developed on this subject and recently Chan and Dill [36] have provided a com-
prehensive review.

Chandler [37] briefly discusses the reason why solvation free energy in water de-
pends on the volume of a sufficiently small nonpolar solute. This dependence can
be found in both the information-theory model [34] and the Lum-Chandler-Weeks
theory [38] of hydrophobic solvation. Effects of the size and shape of the solute are
taken into account in the Pratt and Chandler theory [28].

Stimulated by the results of DeYoung and Dill [35], Sharp and coworkers [21]
used a thermodynamic cycle and an ideal gas model to relate the ratio of sizes, sol-
ute to solvent, to the transfer free energy for gas-liquid transfer. They conclude
that the transfer free energy depends on the ratio of solute/solvent molecular vol-
umes. Their paper has generated much discussion and controversy. In 1994 Lee
[39] gave a more general derivation for the transfer free energy, based on statistical
mechanics, and considered possible assumptions that will yield the result of Sharp
et al. [21].

The Lum-Chandler-Weeks theory of hydrophobic solvation [38] predicts a cross-
over occurring between the solvation properties of macroscopic and microscopic
cavities when the cavity radius is 10A. Huang and Chandler [40] point out that
the ratio of the work of making a cavity in water to its surface area reaches a pla-
teau value for radii above 10 A, and this value agrees with the known surface ten-
sion of water at various temperatures. On the other hand, the hydrophobic free
energy found from hydrocarbon transfer experiments increases slightly with tem-
perature (see Section 6.2.9), implying that the work of making a sufficiently small
cavity in water increases with temperature. Chandler [37] explains that these
two different outcomes, which depend on solute size, arise naturally from the H-
bonding properties of water, because the sheath of water molecules that surrounds
a nonpolar solute remains fully H-bonded when the solute is sufficiently small but
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not when the solute radius exceeds a critical value. Southall and Dill [41] find that
a highly simplified model of the water molecule (the “Mercedes-Benz” model),
which reproduces several remarkable properties of water, also predicts such a tran-
sition from microscopic to macroscopic solvation behavior.

The question of interest to protein chemists is: should a transfer free energy be
corrected for the ratio of solute/solvent volumes or not? Figures 6.2 and 6.3 com-
pare the uncorrected with the volume-corrected plots of transfer free energy versus
ASA, for both liquid-liquid transfer (Figure 6.2) and gas-liquid transfer (Figure
6.3). Both correlations show good linearity. However, the hydrophobic free energy
corresponding to a given ASA value is substantially larger if the volume-corrected
transfer free energy is used (see Ref. [21]). Whether the volume correction should
be made remains controversial. Scaled particle theory emphasizes the role of sur-
face area in determining the free energy of cavity formation while the information-
theory model [34] and the Lum-Chandler-Weeks theory [38] both emphasize the
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Fig. 6.3. Transfer free energy from the gas while the corrected values (filled squares) refer
phase to liquid water for linear alkanes (from 1 to the molarity scale and are volume-corrected
to 10 carbon atoms) plotted against water- according to Ref. [21]. The slopes of the lines

accessible surface area (in A?). Data are from  are 5.5 cal mol~' A=2 (uncorrected) and 24
Ref. [21]. The uncorrected transfer free energies cal mol™' A=2 (corrected).
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role of molecular volume. The molecular dynamics simulations of Berendsen and
coworkers [33] were interpreted by scaled-particle theory while those of Hummer
and coworkers were interpreted by the information-theory model [34], which has
much in common with the Lum-Chandler-Weeks theory. Pohorille and Pratt [42]
give a detailed discussion of how the scaled particle interpretation [33] may be rec-
onciled with their own analysis.

6.2.7
Molecular Nature of Hydrophobic Free Energy

The molecular nature of hydrophobic free energy has been controversial for a long
time [3, 4, 11, 12]. A long-standing proposal, supported by liquid-liquid transfer
data at 25 °C [1] and by simulation results [27], is that the arrangement of water
molecules in the solvation shell around a dissolved hydrocarbon is entropically un-
favorable. Consequently the unfavorable entropy change for dissolving a hydrocar-
bon in water should provide the driving force for expelling the solute from water.
This proposal required modification when it was learned that the hydrophobic free
energy found from liquid-liquid transfer is purely entropic only at an isolated
temperature near room temperature [43]. Hydrophobic free energy becomes in-
creasingly enthalpy-driven as the temperature increases and it becomes entirely
enthalpic upon reaching its maximum value at a temperature above 100 °C (see
Section 6.2.9). The characteristic property of hydrophobic free energy that domi-
nates its temperature-dependent behavior is the large positive value of AC,, the
difference between the heat capacities of the hydrocarbon in water and in the non-
aqueous solvent.

In contradiction to the thesis developed by Kauzmann [1], Privalov and Gill |3, 4]
proposed that the hydration shell surrounding a dissolved hydrocarbon tends to
stabilize the hydrocarbon in water while the van der Waals interactions between
the hydrocarbon solute and the nonaqueous solvent account for the hydrophobicity
of the solute. They assume that the van der Waals interaction energy between sol-
ute and solvent is large in the nonaqueous solvent compared to water. However,
Lee’s data (see Table 6.1) show that the large work of making a cavity in water is
responsible for the hydrophobic free energy while a hydrocarbon solute makes
nearly equal van der Waals interactions with water and with a liquid hydrocarbon
[24]. Privalov and Gill coupled two proposals: (1) the van der Waals interactions
between nonpolar side chains drive the formation of the hydrophobic core of a pro-
tein, and (2) the hydration shell surrounding a dissolved hydrocarbon tends to sta-
bilize it in water. The latter proposal is now widely believed to be incorrect but
there is increasing interest in the first proposal.

There are restrictions both on the possible orientations of water molecules in the
solvation shell around a hydrocarbon solute and on the hydrogen bonds they form
[12]. Models suggesting how these restrictions can explain the large positive values
of AC, found for nonpolar molecules in water have been discussed as far back as
1985, in Gill's pioneering study of the problem [44]. Water-containing clathrates of
nonpolar molecules surrounded by a single shell of water molecules have been
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crystallized and their X-ray structures determined [45]. The water molecules form
interconnected 5- and 6-membered rings. Water molecules in ice I are oriented tet-
rahedrally in a lattice and the oxygen atoms form six-membered rings [45].

In 1985 Lee [30] used scaled particle theory to argue that the low solubilities of
nonpolar solutes in water, and the magnitude of hydrophobic free energy, depend
strongly on the solute/solvent size ratio, and he reviews prior literature on this sub-
ject. Rank and Baker [31] confirmed his conclusion with Monte-Carlo simulations
of the potential of mean force between two methane molecules in water. The
remarkable temperature-dependent properties of hydrophobic free energy (see Sec-
tion 6.2.9) are determined, however, chiefly by AC,, which depends on the hydro-
gen bonding properties of water according to most authors (see Ref. [46]).

6.2.8
Simulation of Hydrophobic Clusters

Formation of the hydrophobic core of a protein during folding must proceed by di-
rect interaction between nonpolar side chains. Yet direct interaction between two
hydrocarbon molecules in water is known to be extremely weak (compare Ref.
[28]). Benzene dimers or complexes between benzene and phenol in water are
barely detectable [47]. Raschke, Tsai and Levitt used molecular dynamics to simu-
late the formation of hydrophobic clusters, starting from a collection of isolated hy-
drocarbon molecules in water [48]. Their results give an interesting picture of the
thermodynamics of the process. The gain in negative free energy from adding a
hydrocarbon molecule to a hydrocarbon cluster in water increases with the size of
the cluster until limiting behavior is reached for large clusters. The simulations
of cluster formation yield a proportionality between transfer free energy and burial
of nonpolar surface area that is similar to the one found from liquid-liquid trans-
fer experiments [48]. The simulation results make the important point that a stan-
dard molecular force field is able to simulate the thermodynamics of hydrophobic
free energy when a hydrophobic cluster is formed in water [48]. Rank and Baker
[49] found that solvent-separated hydrocarbon clusters precede the desolvated
clusters found in the interior of large hydrocarbon clusters. Thus, a hydrocarbon
desolvation barrier may be important in the kinetics of protein folding [49]. In
both simulation studies [48, 49], the authors find that the molecular surface area
(defined by Richards [50]) is more useful than water-accessible surface area in ana-
lyzing cluster formation.

6.2.9
AC, and the Temperature-dependent Thermodynamics of Hydrophobic Free Energy

Although the gas-liquid transfer model is now often used instead of the liquid—
liquid transfer model to analyze hydrophobic free energy, nevertheless thermo-
dynamic data for the transfer of liquid hydrocarbons to water are remarkably
successful in capturing basic thermodynamic properties of hydrophobic free en-
ergy in protein folding. Figure 6.4A shows AH versus temperature for the process
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Fig. 6.4. (A) Enthalpy of transfer plotted liquid hydrocarbon to water. Data are from Ref.
against temperature for three liquid [51]. Note that the plots are straight lines in
hydrocarbons (benzene (filled circles), this temperature range, where AC, = constant,
ethylbenzene (open circles) and cyclohexane and AH passes through 0 near room tem-
(filled squares)) undergoing transfer from perature.

of transferring three hydrocarbon solutes from neat liquid hydrocarbon to water,
taken from the calorimetric study by Gill and coworkers [51]. These results illus-
trate the large positive values of AC, found when nonpolar molecules are dissolved
in water, a property discovered by Edsall [52] in 1935. Although AH depends
strongly on temperature, AC, (the slope of AH versus T) is nearly constant in the
temperature range 15-50 °C (see figure 12 of Ref. [3]). AC, decreases perceptibly
at temperatures above 50 °C [3, 4].

The following thermodynamic expressions take a simple form when AC, is con-
stant. A strong dependence of AH on temperature must be accompanied by a
strong dependence of AS® on temperature. When AC,, is constant, then:

AH(T,) = AH(Ty) + ACy(Ty — Ti) (1)
ASO(Tz) = ASO(T1) + ACPTZ ln(Tz/Tl) (2)

Figure 6.4B compares AH, TAS® and AG® as functions of temperature for the
transfer of benzene from liquid benzene to water. (The behavior of a liquid alkane,
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against temperature, for the transfer of increases only slightly with temperature. The
benzene from liquid benzene to water. Data plots illustrate how entropy—enthalpy
are from Ref. [43]. Note that the relative compensation affects hydrophobic free energy.

pentane, is fairly similar to that of the aromatic hydrocarbon benzene, see figure 12
of Ref. [3].) Substituting Eqs (1) and (2) into the standard relation

AG® = AH — TAS® 3)
gives
AGO(Tz) = AGO(Tl) + ACP(TZ — Tl) — TzACp 11'1(T2/T1) (4)

Equation (4) shows that the AC-induced changes in AH and AS°® with temperature
tend to compensate each other to produce only a small net increase in —AG® as the
temperature increases. This property of enthalpy—entropy compensation is one of
the most characteristic features of hydrophobic free energy. (AG and AS depend
strongly on the solute concentration and the superscript ° emphasizes that AG®
and AS° refer to the standard state concentration.)
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Figures 6.4A and 6.4B illustrate some basic thermodynamic properties of hy-
drophobic free energy as modeled by liquid-liquid transfer. The enthalpy change
AH is zero near room temperature (the exact temperature depends on the hydro-
carbon) and the transfer process is entropy-driven around room temperature. How-
ever, as the temperature increases above 25 °C, the transfer process gradually
becomes enthalpy-driven. A surprising property is that of entropy convergence:
if AC, = constant, then different hydrocarbons share a convergence temperature
at which AS° =0 (386 K or 113 °C) [43]. Data taken between 15 and 35 °C are
extrapolated linearly versus In T in Figure 6.5, according to Eqn (2). When the
gradual decrease in AC, at temperatures above 50 °C [3] is taken into account by
using a curved extrapolation, hydrocarbon data for AS° still approach a common
value near T, the temperature at which the entropy change is 0, which is approxi-
mately 140 °C [3, 4]. The property of entropy convergence is predicted both by the
information-theory model [53] and scaled particle theory [54].

Privalov [55] discovered in 1979 that values for the specific entropy change on
protein unfolding converge near 113 °C when results for some different proteins
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are extrapolated linearly versus temperature. His observation, taken together with
the entropy convergence shown by hydrocarbon solutes, suggests that the hydro-
phobic entropy change of a protein unfolding reaction might be removed by extrap-
olating the total entropy change to T for hydrocarbon transfer [43]. However,
when Robertson and Murphy [56] analyzed unfolding data from several labora-
tories, they found more scatter in the data and they did not find a common inter-
cept for the specific entropy change on protein unfolding. The extrapolation offers
a possible route to determining the change in conformational entropy on unfold-
ing, one of the basic unsolved problems in protein folding. The hydrophobic con-
tribution to the entropy of unfolding is opposite in sign and, at room temperature,
comparable in size to the change in conformational entropy [43].

Schellman [57] points out that there are advantages to using AG/T as an index
of stability instead of AG itself when considering the temperature dependence of
hydrophobic free energy. The low solubilities of hydrocarbons in water have mini-
mum values near room temperature, corresponding to the maximum values of
AG/T and to AH = 0, whereas AG itself increases steadily but slowly with temper-
ature until it reaches a maximum value above 100 °C, at a temperature where
AS =0.

A standard test of whether the hydrophobic free energy found from liquid-liquid
transfer experiments applies to protein folding experiments is to compare the
unfolding free energy change caused by a “large to small” mutation with the
free energy change predicted from the change in ASA on unfolding. Pace [58] sur-
veyed the literature on this subject (see also Ref. [21]). He concludes there is good
agreement provided the proportionality coefficient between AAG and AASA is the
volume-corrected value 47 cal mol~! A~2 [21]. However, this type of comparison
between liquid-liquid transfer and protein folding thermodynamics is complicated
by the presence of cavities produced when large-to-small mutations are made [59].

A direct test of the correspondence between liquid-liquid transfer thermody-
namics and protein folding is to compare the value of AC, for a protein unfolding
experiment with the value predicted from the change in ASA on unfolding. No
other factor besides the burial of nonpolar surface area is known to make a signif-
icant positive contribution to AC,. This comparison was studied in 1991 by Record
and coworkers [60], who found that values of AC, measured in unfolding experi-
ments do agree with the ones predicted from the change in nonpolar ASA on un-
folding. The issue became somewhat complicated, however, by contemporary work
showing that polar groups (and especially the peptide group) contribute negatively
to AC, for unfolding. Makhatadze and Privalov [61] gave extensive model com-
pound data and used them to estimate contributions to the enthalpy and heat ca-
pacity changes on unfolding of all groups present in proteins. Freire and coworkers
[62] used empirical calibration of protein unfolding data to give the contributions
to AC, expected from the changes in polar and nonpolar ASA on unfolding. The
issue is seriously complicated, however, by evidence from the study of model com-
pounds that the enthalpies of interaction with water are not related in any simple
way to polar ASA: see Table 6.2 and Section 6.3.2. To make progress in analyzing
this problem, it is important to get data for the AC, values accompanying unfold-
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ing of peptide helices and progress has been reported recently by Richardson and
Makhatadze [63].

A long-standing puzzle in comparing the thermodynamics of protein unfolding
with those of liquid-liquid transfer has been the unfolding results produced by
high pressures [64]. The information-theory model [65] provides new insight into
the problem by predicting that water penetrates the hydrophobic cores of proteins
during pressure-induced unfolding, as observed experimentally [66], but does not
penetrate the hydrophobic cores during thermal unfolding.

6.2.10
Modeling Formation of the Hydrophobic Core from Solvation Free Energy and
van der Waals Interactions between Nonpolar Residues

As explained above, solvation free energies of solutes are based on gas-liquid
transfer data. They provide an alternative model for the energetics of forming the
hydrophobic core of a protein. Compared with the liquid-liquid transfer model,
this approach has two major advantages. (1) It considers the van der Waals interac-
tions explicitly, and (2) it avoids the question of which nonaqueous solvent to use
for modeling the hydrophobic core. This approach was pioneered by Ooi and Oo-
batake [67, 68] and by Makhatadze and Privalov [61]. Simonson and Briinger [69]
analyze model compound data for gas—liquid transfer. They report that transfer
free energies for gas to liquid transfer of cyclic hydrocarbons fall well below the
line for linear alkanes when plotted against ASA.

The use of gas-liquid transfer to probe the energetics of folding is illustrated in
the cycle shown in Scheme 6.1, in which the native protein (N) is formed by fold-
ing the unfolded protein (U) either in the gas phase (g) or in aqueous solution (aq).
The cycle is completed by the process of transferring U from aqueous solution to
the gas phase and by transferring N from the gas phase back to aqueous solution.
Only the nonpolar side chains and nonpolar moieties of polar side chains are con-
sidered here. Transfer of the polar peptide NH and CO groups between the gas
phase and aqueous solution is considered in Section 6.3.8, together with formation
of the peptide H-bonds. The polar moieties of polar side chains are supposed to be
fully exposed to water in both U and N, and so their transfer between aqueous so-
lution and the gas phase cancels energetically in steps 1 and 3. The change in con-
formational entropy when the unfolded polypeptide U folds to the native protein N
is supposed to be the same in steps 2 and 4.

In Scheme 6.1, two processes contribute to AG°yy, the standard free energy

U(g) =(2)=N(g)
n ) M 3)

U (aq) <(4)=N (aq)
Scheme 6.1
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change for folding in aqueous solution. Process A is burial (removal from water) of
nonpolar side chains (or moieties) in steps 1 and 3, and process B is formation of
van der Waals interactions between nonpolar side chains (or moieties) in step 2.
Let AGpy, and AGygy be the contributions to AG°yy from processes A and B in

Eq. (5).
AGOUN = AGbur + AGde (5)

Let AASA Dbe the net change in nonpolar solvent-accessible surface area in steps
1+ 3. Evidence is presented above that AGy,, can be related to AASA even for mi-
croscopic cavities. Thus AGy,y, can be represented by

AGpy = PAASA (6)

in which f is the proportionality coefficient between AG°4,, and ASA for alkanes
in transfer experiments from the vapor phase to aqueous solution. Figure 6.3
shows good linearity between AG°g,, and ASA for several alkanes, and f is rea-
sonably constant. However, the value of f changes substantially (from 5.5 to 24
cal mol~! A~2 [21]) when volume-corrected transfer free energy is used. Evaluation
of AGyqy depends sensitively on parameters that are difficult to determine experi-
mentally, and there is little discussion in the literature of how mutations cause
AG,qgy to vary. See, however, the discussion of AGyq,, values for selected proteins
by Makhatadze and Privalov [61] and note that the number of van der Waals con-
tacts is being discussed in mutational studies of packing [70].

For the process of forming the hydrophobic core, AGy4y can be estimated ap-
proximately in the following manner. First, consider the empirical relation between
AG°yn and AASA given by the liquid-liquid transfer model.

AG°yy ~ B(AASA) (7)

In Eq. (7), AASA is the net value of ASA buried upon folding and B is the propor-
tionality factor between liquid-liquid transfer free energy and ASA. Combining
Eqns (5)—(7) gives:

AGvdw ~ (B - ﬁ)AASA (8)

The value of (B — f) depends on whether or not the volume correction is made to
the transfer free energies. If the volume correction is made, then (B—f) =
47 — 25 = 22 cal mol™' A=2 [21] and AG,q,, should account for approximately 22/
47 = 47% of the free energy change on forming the hydrophobic core. If the vol-
ume correction is not made and the mole fraction scale is used for computing
transfer free energies, then (31 — 5)/31 [21] = 84%, the percentage of AG°yy that
is assigned to AGygy. This argument follows the one given by Havranek and Har-
bury [71], who used different numbers for B and f§ from the ones given by Sharp et
al. [21].
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Data for the melting of solid crystalline alkanes show that AH is substantial and
favors the solid alkane, but AG for melting is small because there is a substantial
AS that favors the liquid alkane [72]. These results have been used to argue that a
liquid hydrocarbon should model satisfactorily the hydrophobic core of a protein
[72], and therefore the van der Waals interactions need not be considered explicitly.

6.2.11
Evidence Supporting a Role for van der Waals Interactions in Forming the
Hydrophobic Core

An important role for van der Waals interactions in protein folding is suggested by
the unusual close-packed arrangement of the side chains in folded proteins. This
argument was pointed out in 1971 by Klapper, who compares the protein core to
a wax ball rather than an oil drop [73], and in 1977 by Richards, who compares
the protein core to an organic crystal [50]. The fraction of void space in folded pro-
teins is quite small and comparable to that in close-packed spheres, whereas there
is a sharp contrast between the small void space in folded proteins and the large
void space in nonpolar liquids, as pointed out by these authors. In 1994 Chothia
and coworkers [74] made a detailed study of the volumes of aliphatic side chains
inside proteins and found they are substantially smaller than in aqueous solution.
Water molecules are nevertheless rather well packed around hydrocarbons in aque-
ous solution and hydrocarbons occupy larger volumes in nonpolar solvents than in
water, as pointed out by Klapper [73], who found good agreement between experi-
mental data and predictions based on scaled particle theory.

Stites and coworkers have made extensive mutational experiments on the hydro-
phobic core of staphylococcal nuclease (SNase) [70, 75] including many single,
double, triple, and quadruple mutants. The authors measure interaction energies
by taking the difference between the AG® values of two single mutants and the
double mutant, and so forth. Their overall results suggest that the packing arrange-
ment of nonpolar side chains in the core is an important determinant of SNase
stability because favorable interaction energies are associated with certain pairs
of residues [75]. They tested this interpretation by constructing seven multiple
mutants that were predicted to be hyperstable [75]. The X-ray structures of five mu-
tants were determined. The mutants uniformly show high temperatures for ther-
mal unfolding (Ty,). The largest increase in Ty, is 22.9 °C and the increase in Ty,
correlates with the number of van der Waals contacts. The overall results indicate
that increased protein stability is correlated with an increased number of van der
Waals contacts, and certain pairs of buried side chains make characteristic contri-
butions to the number of van der Waals contacts.

A novel approach to analyzing the thermodynamics of burial of nonpolar side
chains in protein folding was undertaken by Varadarajan and coworkers [76, 77].
They measure AAH of folding for mutants with varying extents of burial of nonpo-
lar surface area. Note that AAH should be small near 25 °C for burial of nonpolar
surface area, according to liquid-liquid transfer experiments with hydrocarbons
(see Figures 6.4A and 6.4B). On the other hand, van der Waals packing interactions
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are enthalpy-driven and larger values of AAH are expected if the folding thermody-
namics are dominated by packing interactions. The authors are able to measure
AH directly at fixed temperatures by titration calorimetry for their ribonuclease
S system (which is composed of two dissociable species, S-peptide + S-protein) by
titrating unfolded S-peptide versus folded S-protein. They determine the X-ray
structures of the mutant RNase S species and measure AH for folding S-peptide
at varying temperatures. They find substantial AAH values for the mutants and
conclude that van der Waals packing interactions are responsible; see also the
study of cavity mutants of T4 lysozyme by Matthews and coworkers [59].

Zhou and Zhou [78, 79] present an interesting analysis of the energetics of bury-
ing different side-chain types. They construct a database of mutational experiments
on protein folding from the literature and extract the “transfer free energy” contri-
buted by each amino acid side chain to the unfolding free energy: the transfer pro-
cess is from the folded protein to the unfolded protein in aqueous solution. Then
the authors simulate the mutational results by a theoretical analysis based on a po-
tential of mean force, and plot the results as AAG versus AASA for each side-chain
type. The resulting plots are similar for the various nonpolar amino acids, and the
slopes are in the range 25-30 cal mol ' A~2. Interestingly, the plots for polar
amino acids are similar in character but have substantially smaller slopes. The au-
thors conclude that it is energetically favorable to fold polar as well as nonpolar
side chains, but folding polar side chains contributes less to stability. There should
be an energetic penalty if the polar moiety of a side chain is buried without making
an H-bond, because the polar group interacts favorably with water (see below).

6.3
Peptide Solvation and the Peptide Hydrogen Bond

6.3.1
History

Interest in the role of the peptide hydrogen bond in stabilizing protein folding took
off when Pauling and Corey proposed structures for the o-helix and the parallel
and antiparallel f-sheets, and when Schellman analyzed [6] the factors that should
determine the stability of the helix backbone in water. He estimated the net en-
thalpy change for forming a peptide H-bond in water as —1.5 kcal mol~!, based
on heat of dilution data for urea solutions [80], and he concluded that an isolated
a-helix backbone should be marginally stable in water and might or might not be
detectable [6]. Klotz and Franzen [81] investigated by infrared spectroscopy wheth-
er H-bonded dimers of N-methylacetamide are detectable in water and concluded
that they have at best marginal stability: see also a later study of the dimerization
of d-valerolactam [82].

Determination of the first X-ray structures of proteins sparked interest in the
problem of whether the peptide sequence for a protein helix can form the helix in
water. Initial results based on circular dichroism (CD) (or optical rotatory disper-
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sion) spectroscopy were disappointing. In 1968 Epand and Scheraga [83] examined
two peptides obtained by cyanogen bromide cleavage from the highly helical pro-
tein sperm whale myoglobin and found very low values for the possible helix con-
tents. In 1969 Taniuchi and Anfinsen [84] cleaved staphylococcal nuclease, which
has 149 residues, between residues 126 and 127 and found that both fragments 1
126 and 127-149 (each of which has a helix of modest size) were structureless by
CD as well as by other physical criteria. In 1969-1971 Klee obtained tantalizing re-
sults, suggestive of some helix formation at low temperatures, with the “S-peptide”
(residues 1-20) [85] and “C-peptide” (residues 1-13) [86] of ribonuclease A. (The
RNase A helix contains residues 3—12.) The helix problem languished for 11 years,
perhaps because of the disappointing results found in the laboratories of Anfinsen
and Scheraga. In 1982, Bierzynski et al. [87] used NMR as well as CD spectroscopy
to reinvestigate the claim of Brown and Klee [86] and confirmed that partial helix
formation occurs. Bierzynski et al. found that helix formation is strongly pH de-
pendent and the pK values indicate that both a His residue and a Glu residue are
required for helix formation, thus implicating specific side-chain interactions [87].
Several kinds of helix-stabilizing side-chain interactions were later studied, such as
salt bridges, amino—aromatic interactions, and charge-helix dipole interactions
[88]. The helix formed by C-peptide or S-peptide has basic properties in common
with the protein helix of RNase A: both the peptide and protein helices have the
same two helix-stabilizing side-chain interactions and the same helix termination
signals. Today hundreds of peptides with sequen